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Abstract: Coastal lagoons display a wide range of physico-chemical conditions that shape benthic
macrofauna communities. In turn, benthic macrofauna affects a wide array of biogeochemical processes
as a consequence of feeding, bioirrigation, ventilation, and excretion activities. In this work, we have
measured benthic respiration and solute fluxes in intact sediment cores with natural macrofauna
communities collected from four distinct areas within the Sacca di Goro Lagoon (NE Adriatic Sea).
The macrofauna community was characterized at the end of the incubations. Redundancy analysis
(RDA) was used to quantify and test the interactions between the dominant macrofauna species and
solute fluxes. Moreover, the relevance of macrofauna as driver of benthic nitrogen (N) redundancy
analysis revealed that up to 66% of the benthic fluxes and metabolism variance was explained by
macrofauna microbial-mediated N processes. Nitrification was stimulated by the presence of shallow
(corophiids) in combination with deep burrowers (spionids, oligochaetes) or ammonium-excreting
clams. Deep burrowers and clams increase ammonium availability in burrows actively ventilated
by corophiids, which creates optimal conditions to nitrifiers. However, the stimulatory effect of
burrowing macrofauna on nitrification does not necessarily result in higher denitrification as processes
are spatially separated.

Keywords: fluxes; denitrification; macrofauna; functional diversity; Sacca di Goro Lagoon

1. Introduction

Bioturbation by benthic macrofauna—which includes a wide set of different processes among
which burrow construction, ventilation, bioirrigation, sediment reworking, and biodeposition—makes
sedimentary processes variable and complex [1–5]. Macrofauna communities display different
adaptations to live within or on the surface sediment and produce sometimes contrasting effects
on microbial processes, depending upon functional traits and tolerance to environmental stress.
Macrofauna activity may determine the fate of nutrients and their transfer rates among environmental
compartments [6,7]. Depending on the species and their vital habitats, associated bacterial processes can
be accelerated or slowed down (e.g., anaerobic ammonium oxidation—anammox) [8,9]. Bioturbating
macrofauna communities are responsible for the rearrangement of the original microbial stratification
within the sediment by creating and destroying the oxic and anoxic microenvironments in the
sediment, and also by direct action on the physical properties of colonized substrates [4]. Complex and
species-rich macrofaunal communities or, on the other hand, communities dominated by few key species
govern the ecosystem functioning in various ways. Nevertheless, species that seem redundant under

Water 2019, 11, 1186; doi:10.3390/w11061186 www.mdpi.com/journal/water
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natural conditions may be important for ecosystem functioning when ecosystems are disturbed [10].
The understanding of the biogeochemical dynamics in environments characterized by high biodiversity
is strongly limited by the complex and multiple interactions among species [11]. In strongly anthropized
environments, generally associated with a strong loss of biodiversity, identification of important
ecological niches is even more difficult. Grouping the diversity of benthic macrofauna into functional
groups, and no longer referring to single species, and identifying their single contribution to the benthic
ecosystem can be a solution to the complexity of this type of study. Equally, with the appropriate
functional attributions at different benthic groups, it will be easier to model the entire ecosystem [12].

A number of previous studies were targeting a heterogenous set of parameters including dissolved
oxygen (O2), carbon dioxide (TCO2), various nitrogen (N), phosphorus, silica forms, chlorophyll,
and functional genes [13–16]. A large body of scientific work has clearly defined, sometimes at the
microscale, how burrowers via intermittent ventilation import O2 into their burrows and temporally
enhance microbial aerobic activity, or how filter-feeders increase sedimentary organic matter via
feces and pseudofeces production [17,18]. Nevertheless, majority of these studies were built on
laboratory experiments, with reconstructed sediments and a single macrofauna species [16,19–22].
While such approach enables to characterize target organisms and reduces background noise (sediment
heterogeneities, presence of non-target macrofauna groups, etc.), the overall system layout is far from
that observed in nature. For example, oversimplified communities (e.g., a single population) do not
host multiple ecological interactions present among organisms (including predation, competition,
facilitation, various host–microbe associations). Furthermore, sediment sieving removes reactive pools
of organic matter, changing the physical and chemical gradients in sediments. Homogenization also
alters the vertical distribution of the organic matter quality, redistributing and diluting high quality
surface sediment organic matter along the sediment horizon. The addition of macrofauna in such
sediments generally results in high stimulation of processes like nutrient regeneration. These effects
may partly be the consequence of burrow construction, while in situ burrow environments are aged
and well-structured in terms of microbial community composition [23]. Short-term experiments with
reconstructed sediments therefore cannot fully reproduce what happens in situ, since the development
of bacteria communities along burrows may take weeks and may undergo variations along the life
cycle of burrowers [23]. To overcome such limitations, an alternative approach is to collect and incubate
undisturbed cores with natural abundance and composition of macrofauna [24–26]. A large number of
replicate cores can be incubated and sieved at the end of measurements in order to retrieve macrofauna
and analyze relationships among macrofauna and biogeochemical processes a posteriori.

In estuarine systems, the understanding of the role of macrofauna communities on benthic N-cycling
is a keystone, due to its large inputs from catchments and potentially large macrofauna-mediated
microbial N losses [27–31]. It is well known that macrofauna actively contribute to the translocation
and transformations of N within and among different compartments of aquatic ecosystems, stimulating
microbial processes [32,33]. However, some species, more than others, have stronger effects on
microbial dissimilative N paths [34,35]. The study of the effects of macrofauna communities on benthic
N-cycling is challenging as macrofauna might produce contrasting effects on the multiple oxic and
anoxic microbial N transformations.

In this work, intact sediment cores were randomly collected from four sites representative of
different dominating areas within a hypertrophic coastal lagoon. The main aim was to compare key
functional characteristics at the four sites and highlight how macrofauna shape microbial respiration
and nutrient regeneration rates, with a special focus on benthic N-cycling. To this purpose, we used
multiple approaches, including flux measurements, isotope pairing technique, characterization of
macrofauna community, and multivariate analysis.

2. Materials and Methods

The Sacca di Goro lagoon is a shallow (average depth 1.5 m) water embayment (27 km2) of the Po
River Delta, situated in the norther part of the Adriatic Sea (Figure 1). This lagoon is a brackish system
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with pronounced daily variations of salinity and nutrient concentrations resulting from microtidal
forcing (tidal amplitudes vary up to 0.9 m) and freshwater inputs from the Po di Volano and Po di
Goro rivers, and saline water input from the Adriatic Sea.

Figure 1. Map of the Sacca di Goro Lagoon and location of sampling sites.

The Sacca di Goro Lagoon has been intensively studied as one of the most economically important
farming sites of the clam Vanerupis philippinarum in Europe, but also in a context of dystrophic events
threated by this activity [36–38]. Studies mainly focused on the lagoon biogeochemistry [36–40], on
the ecophysiology of blooming macroalgae [41], on meio- and macrofauna communities [42,43], and
on ecosystem-level ecological processes (e.g., net ecosystem metabolism, sink-source functions [44]).
Only a few studies have linked biogeochemical processes to macrofauna activity. However, these
studies almost exclusively considered the introduced species V. philippinarum. To our knowledge, this
is the first study addressing macrofauna biodiversity–benthic functioning relationship in the Sacca di
Goro Lagoon.

The Sacca di Goro Lagoon is generally divided into three different zones: (1) the western part
that is affected by freshwater inputs from the Po di Volano River, which leads to lower salinity and
wider salinity fluctuations; (2) the central part that is connected directly to the Adriatic Sea via a
1 km wide mouth, therefore it is flushed by seawater; and (3) the eastern part (10 km2), called the
Valle di Gorino, which is separated from the sea by a sand barrier and receives freshwater inputs
from the Po di Goro. This eastern zone is very shallow (maximum depth 1 m) but represents about
half the surface of the entire lagoon. It is characterized by a relatively low salinity and higher water
temperatures. The Sacca di Goro Lagoon sediment composition reflects a typical alluvial system:
muds with high clay and silt contents in the northern and central zones and sand and sandy-muds
bottom in the southern shore-line and eastern zone. A limited water circulation and a constant and
high anthropogenic nutrients load from two rivers and secondary channels lead this lagoon to severe
eutrophication processes and dystrophic events [37]. Diffuse runoff from agricultural activities within
the Po river basin may lead to nitrate (NO3

−) concentrations up to 200 μM, sustaining frequent blooms
of the seaweeds Ulva sp., Gracilaria sp., and Cladophora sp., especially in the easternmost shallow area,
whilst phytoplankton blooms prevail in the deeper central zone [45].

The studies on composition and distribution of the macrobenthic community in the Sacca di Goro
Lagoon resulted in identification of 38 macrofauna taxa, representing 5 phyla [43,46–48]. Gastropods,
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amphipods, and chironomid larvae dominate the macrofauna in terms of abundance, while bivalves
represent biomass dominant group of organisms. Macrofauna abundance undergo considerable
seasonal variations due to development of macroalgae and O2 depletion in the near-bottom water
layer and sediment.

2.1. Intact Core Collection and Benthic Flux Measurement

At four sites within the lagoon, eight large (i.d. 8.4 cm, length 30 cm, for flux measurements) and
three small cores (i.d. 4.6 cm, length 25 cm, for sediment characterization) were randomly collected in
May 2013 by hand corer, covering dominating macrofauna assemblages along environmental gradients
(Figure 1). Sediments and water height in the large cores were levelled to 15 and 10 cm, respectively, so
that the water volume overlying sediments was nearly 0.5 L. In addition, 80 L of in situ water were
collected from each station for core maintenance during transportation, pre-incubation, and incubation.
Within 4 hours of sampling, all cores were transferred to the laboratory where they were maintained
overnight submerged into four tanks containing in situ water (20 ◦C). Each core was provided with
a Teflon-coated magnetic bar suspended 5 cm above the sediment–water interface and driven by
an external magnet rotating at 40 rpm. The magnetic bars ensured water mixing within each core,
avoiding sediment resuspension. The water in each tank was also stirred by aquarium pumps in
order to maintain O2 saturated conditions during pre-incubation period. The large cores were used
to measure benthic metabolism (O2, TCO2 and manganous manganese (Mn2+)) and net ammonium
(NH4

+), combined nitrate and nitrite (NOx
−), and soluble reactive phosphorus (SRP) fluxes in the dark.

After the overnight pre-incubation, a gas-tight top lid was placed on each core, without gas headspace,
and the 4-hour incubation started. The incubation time was set in order to keep O2 within 20% of
initial concentration. Initial water samples were taken in triplicate from each tank, whereas final water
samples were taken from the water phase of each core [49]. At the beginning and at the end of the
incubation a 20 mL aliquot of water was collected from each core, transferred and flushed into 12 mL
exetainer (Labco, UK), and fixed with 100 μL of 7 M ZnCl2 for dissolved O2 measurements. Thereafter,
three more aliquots of 50 ml were immediately filtered (Whatman GF/F filters) and transferred into
scintillation vials and exetainers for nutrient, TCO2, and Mn2+ analysis, respectively. Aliquots for
Mn2+ analyses were acidified with 50 μl of ultra-pure concentrated HNO3. The solute exchange at the
sediment–water interface were calculated according to the Equation (1):

Fx =
(Cf −Ci) ×V

A× t
(1)

where Fx (μmol m−2 h−1) is the flux of the chemical species x, Ci and Cf (μmol L−1) are concentrations
of chemical species x at the beginning and at the end of incubation, respectively, V (L) is the water
volume in the core, A (m2) is the surface of the sediment, and t (h) is incubation time.

Small cores were used to measure sediment properties in the upper layer (5 cm). Sediments
were extruded from each core, sliced, and homogenized. After homogenization, 5 mL of sediment
subsample was dried at 60 ◦C for 48 h to determine bulk density and porosity. Thereafter, dried
sediment subsamples were analyzed for organic carbon (Corg) and total nitrogen (TN).

2.2. Denitrification Measurement with Isotope Pairing Technique

After flux measurements, the cores were submerged with the top open for 3 hours in in
situ-aerated and well-mixed water. Thereafter, we performed a second incubation targeting the
rates of denitrification measurements with isotope pairing technique [50]. This approach allows to
measure total denitrification (D14) in and the contribution of denitrification supported by overlaying
water NO3

− (Dw) and denitrification coupled with nitrification (Dn). Briefly, stock solution of 15 mM
15NO3

− (98% of K15NO3, Cambridge Isotope Laboratories, MA, USA) was added to the water column
of each core to the final concentration of 50 μM. To calculate the isotopic enrichment, water samples
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for NO3
− analysis was collected prior and after to the isotope addition. Thereafter, cores were closed

and incubated for 4 hours in the dark as described for nutrient flux measurements. At the end of the
incubation, the whole sediment column was carefully slurred and mixed with the water column as
bioturbating animals can transport 15NO3

− downward and stimulate nitrification and denitrification
in deep layers. A glass syringe containing 50 mL of slurries was transferred to 12 mL exetainers (Labco,
UK), allowing abundant overflow and gas bubbles removal and fixed with 200 μL of 7 M ZnCl2 to
stop microbial activity. Immediately after the end of this second incubation, sediments from all cores
were carefully sieved (0.5 mm mesh size) in order to retrieve and analyze the macrofauna composition,
abundance, and biomass.

2.3. Laboratory Analysis

Concentration of dissolved gas (O2, 29N2 and 30N2) were measured within a week from collection
with a membrane inlet mass spectrometer (MIMS, Bay instruments, MD, USA) at Ferrara University [51].
Dissolved inorganic N (NH4

+, NO2
− and NOx

−) and SRP were measured with a continuous flow
analyzer (San++, Skalar) using standard colorimetric methods [52]. NO3

− was calculated as the
difference between NOx

− and NO2
−. Dissolved Mn2+ was measured with a Varian atomic absorption

at Parma University. Corg and TN were analyzed with an element analyzer (Thermo Electron
Corporation FlashEA 1112, Thermo Fisher Scientific, Waltham, MA USA). Before measurement,
samples were acidified with 1 N HCl in order to remove carbonates.

2.4. Multivariate Analysis

Redundancy analysis (RDA) was used to quantify and test the interactions between the numerically
dominant 7 species (explanatory variables), net solute fluxes (total O2 uptake (TOU), TCO2, NH4

+,
NO2

−, NOx
−, SRP and Mn2+), and denitrification pathways (D14, Dw, and Dn) in the 32 intact cores,

collected from the 4 sites. We completed this variation partitioning analysis using Partial-RDA to
calculate the contribution of each site to the total variance unexplained by the first RDA approach [53].
According to [54], the total sum of canonical eigenvalues from five different RDA analyses have been
used to explain the shared information, the pure effect of macrofauna presence and the pure effect
of sites as a percentage of the total inertia. The significance of the environmental variables (axis)
was tested against 9000 Monte Carlo permutations. Data on macrofauna communities were tested
for normality assumption using the Kolmogorov–Smirnov test, while relationships between abiotic
parameters and macroinvertebrate communities examined using linear regression [55].

A one-way analysis of variance (ANOVA) was used to test the significance of site in explaining
variation in metabolism, net fluxes, and denitrification pathways. Validity of normality assumption and
homogeneity of variance was checked using Shapiro–Wilcoxon and Cochran‘s test, respectively, and
square root transformation was applied for data with significant heteroscedascity. A pair-wise
comparison of means using the post-hoc Bonferroni test was performed for significant effects.
Hierarchical cluster analysis and multidimensional-scaling (MDS) were performed on pairwise
similarities between couples of samples using the Bray–Curtis similarity index in order to determine
the macrofauna species complexity between and within sites [56].

All statistical analyses were performed with Brodgar 7.5.5 statistical software package.

3. Results

3.1. Bottom Water and Sediment Features at the Sampling Sites

The concentrations of dissolved nutrients displayed strong spatial variability among studied sites
and differed by up to one order of magnitude (Table 1). Peak concentrations of NO3

−, SRP, and TCO2

were observed at the brackish site 1 where river enters the lagoon. NO3
− was the dominating form

of dissolved inorganic N at sites 1 and 4, whereas NH4
+ concentrations were higher at sites 2 and 3.

Salinity and nutrient content can vary dramatically on a daily basis at all sites due to tidal forcing.
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At site 4, we found relatively low salinity and high NO3
− concentration despite its proximity to the

open sea, likely due to the sampling performed at low tide when the station is influenced by freshwater
inputs from the Po di Goro.

Table 1. Bottom water physico-chemical features and surface sediment (0–5 cm) characteristics at the
sampling sites in the Sacca di Goro Lagoon. Averages ± standard error are reported (n = 3).

PARAMETERS SITE 1 SITE 2 SITE 3 SITE 4

Water column

Temperature (◦C) 21 21 19 19
Salinity (PSU) 5 12 12 7

TCO2 (mmol L−1) 5.2 ± 0.01 3.3 ± 0.01 2.6 ± 0.01 2.6 ± 0.01
NH4

+ (μmol L−1) 7.1 ± 0.12 32.1 ± 0.17 31.9 ± 0.17 19.1 ± 0.69
NOx

− (μmol L−1) 114.7 ± 4.45 40.8 ± 1.67 56.5 ± 2.02 52.3 ± 3.93
SRP (μmol L−1) 2.2 ± 0.02 0.4 ± 0.01 1.1 ± 0.01 0.5 ± 0.01

Sediment

Type Clayish mud Detrital mud Muddy sand Fine sand
Porosity 0.85 ± 0.02 0.89 ± 0.01 0.43 ± 0.01 0.50 ± 0.03

Density (g cm−3) 1.16 ± 0.01 1.12 ± 0.02 1.83 ± 0.02 1.78 ± 0.02
Corg (%) 4.02 ± 0.27 7.48 ± 0.26 1.29 ± 0.14 1.42 ± 0.14
TN (%) 0.34 ± 0.01 0.85 ± 0.05 <0.01 <0.01

C:N (mass) 11.8 8.8 – –

Sediment characteristics differed substantially among sampling sites reflecting sedimentation
of clayish material from terrestrial origin (site 1), organic matter from decaying macroalgae (site 2),
biodeposits from clams farming (site 3), and strong flushing (site 4). As a result, sites 1 and 2 were
mainly muddy, site 3 consisted of muddy sand, whereas site 4 was mainly sandy (Table 1). Sites 1 and
2 had highest Corg and TN content. At these sites, high porosity and low density values suggest high
sedimentation rates, limited export, and net accumulation of material. Sediments from sites 1 and
3 appeared heavily bioturbated, with light brown halos surrounding burrows in the upper 3–5 cm,
sediments from site 2 appeared black, sulfide smelling, and poorly bioturbated, whereas sediments
from site 4 appeared oxidized and without redox discontinuities along the vertical profile.

3.2. Benthic Macrofauna

In total, 17 species or higher order taxa with an average abundance of 82 ± 12 ind. core−1 were
found after sieving incubated sediment (see the list of species in Electronic Supplementary Materials).
Abundance and taxonomic diversity differed greatly among sites (Figure 2) and macrofauna structure
was more similar among cores collected within the same site, than among sites (Figure 3).

In site 1 (1264 ± 407 ind. m−2), spionids, oligochaetes, and Monocorophium insidiosum accounted
for 92% of the total macrofauna abundance on average. The site was relatively homogenous in a
context of taxonomic composition (Figure 3) and abundance (273–2986 ind. m−2, 4–7 taxa m−2).

Site 2 (1218 ± 311 ind. m−2) had the lowest taxonomic diversity (8 taxa), but similar macrofauna
characteristics for individual cores (561–2622 ind. m−2, 3–7 taxa m−2) compared to site 1. M. insidiosum,
Chironomus salinarius and gammarids contributed to 79% of the total macrofauna (Figure 3), however
with considerable variation among replicates (0–1546, 61–485, and 61–864 ind. core−1, respectively).
Only one replicate (2(6), see Figure 3) was extremely different from the rest in this site with exclusively
high 62% relative abundance (909 ind. core−1) of Hydrobia sp.

Site 3 (2160 ± 263 ind. m−2) was relatively homogenous in a context of macrofauna composition
and abundance (1410–2895 ind. m−2, 5–8 taxa m−2) with the highest average number of individuals
per core (Figure 2). M. insidiosum attained the highest abundance (455–1758 ind. m−2, with an average
of 970 ± 192 ind. m−2) in the context of studied sites (Figure 3) and alone accounted for 45% of the
total macrofauna abundance. However, the characteristic species for this site was V. philippinarum with
relatively consistent abundance of 258–1228 ind. m−2 (601 ± 106 ind. m−2 in average).
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Figure 2. Taxonomic diversity (number of species per core) and total abundance of benthic macrofauna
(ind. m−2) in incubated cores from four study sites in the Sacca di Goro Lagoon (average ± st. error).

Site 4 (316 ± 73 ind. m−2) had the lowest abundance of macrofauna individuals (Figure 2) varying
between 91 and 667 ind. m−2, but the highest overall taxonomic diversity (13 taxa). At the same time,
consistency of dominant macrofauna among cores was low (Figure 2). The majority of cores was
dominated by spionids (4(3)–4(7), 61–364 ind. m−2; Figure 3), but other cores included V. philippinarum
(4(2), 258 ind. m−2), musculista (4(8), 91 ind. m−2), and Caprelidae (4(1), 45 ind. m−2).

  
(A) (B) 

  
(C) (D) 

Figure 3. MDS plot according to taxonomic composition of dominating benthic macrofauna
(presence/absence transformation) in incubated cores: Monocorophium insidiosum (A), Spionidae (B),
Chironomus salinarius (C) and Venerupis philipinarium (D). Labels and brackets refer to site and replicate
number correspondingly, and abundance of main macrofauna taxa (diameter of bubbles proportional
to the abundance).

3.3. Benthic Metabolism and Respiration

Total CO2 production rates were similar in three out of four sites (3.2 mmol m−2 h−1 on average),
with site 1 as only exception (One-way ANOVA, F = 20.80, P = 0.001) (Figure 4). There TCO2 uptake
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dominated likely due to sharp chemical gradients between the high carbonate content of near bottom
and pore water (see Table 1). TOU ranged from 0.7 to 8.1 mmol m−2 h−1 with significant differences
among sites (One-way ANOVA, F = 8.308, P = 0.001). Considerably (P < 0.001) higher TOU was
measured at sites 2 and 3 in comparison to site 4. A net Mn2+ efflux was measured at all sites; in three
out of four sites, fluxes were similar with an average rate of 50 μmol m−2 h−1. Significantly (P < 0.001)
higher efflux was found at site 2 (170.18 ± 33 μmol m−2 h−1). Calculated respiratory quotients (the
ratios between TCO2 and TOU) at sites 2, 3, and 4 were close to unity, suggesting the dominance of
aerobic metabolism.

Figure 4. Total oxygen uptake (A), sediment–water fluxes of total inorganic carbon (B), manganous
manganese (C), total denitrification (D) and denitrification of water column NO3

− (E), and coupled
nitrification–denitrification (F) measured at four study sites in the Sacca di Goro Lagoon (median and
percentiles, n = 8). Different letters indicate statistical differences among sites.

At sites 1, 2, and 3, total denitrification rates (D14) were elevated and sustained a relevant portion
of total mineralization (10–20%). D14 ranged from 37.9 to 481.0 μmol m−2 h−1 and differed between
sites (One-way ANOVA sqrt transformed, F = 20.12, P < 0.001) (Figure 4). Significantly (P < 0.05) lower
rates of D14 (52.3 ± 14.4 μmol m−2 h−1) were observed at site 4. In other sites, rates of D14 were similar
with an average of 263.5 ± 113.2 μmol m−2 h−1. The relative importance of Dw and Dn to the total rates
of denitrification varied among sites (One-way ANOVA sqrt transformed, F = 20.31 and F = 32.03,
respectively, P < 0.001), depending on availability of NO3

− in the water column. At sites 2 and 4, total
denitrification was sustained mainly by Dw, which represented from 87% to 90% of N2 production.
The share of total denitrification supported by nitrification coupled denitrification was more important
at sites 1 (46%) and 2 (40%). The rates of Dw were in the rage of 29.4–437.9 μmol m−2 h−1 at the studies
sites. Significantly (P < 0.05) higher rates (305.1 ± 122.6 μmol m−2 h−1) of Dw were measured at site
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2, while relatively lower rates (45.6 ± 16.5 μmol m−2 h−1) were measured at sandy sediment at site 4.
Dn varied from to 0 to 194.7 μmol m−2 h−1 with significantly (P < 0.001) higher rates at sites 1 and 3
(106.9 ± 36.9 μmol m−2 h−1) as compared to sites 2 and 4 (18.3 ± 25.3 μmol m−2 h−1). Denitrification of
water column NO3

− was calculated with the model proposed by Christensen et al. [57] and compared
with measured rates. In three out of four sites, theoretical rates overestimate measured rates by a factor
5, while at site 2 predicted (≈430 μmol m−2 h−1) and measured (≈300 μmol m−2 h−1) rates were closer.

3.4. Benthic Nutrient Fluxes

Net fluxes of NH4
+ varied from −201.4 to 917.0 μmol m−2 h−1 and significantly differed among

sites (One-way ANOVA, F= 15.5, P= 0.001) (Figure 5). The highest flux (641.8 ± 215.6 μmol N m−2 h−1)
was measured at site 2 (P < 0.001). The negative net NH4

+ fluxes were observed only at site 1 where it
was significantly (P < 0.05) lower in comparison to sites 2 and 4. On the contrary, NOx fluxes were
erratic without clear patterns among sites (One-way ANOVA, F = 1.9, P = 0.147). At site 1, it has been
measured the higher efflux of NOx

− (562.8.3 ± 225 μmol N m−2 h−1) which coincided with uptake of
NH4

+ (−30.5 ± 44 μmol m−2 h−1), suggesting large nitrification rates. Denitrification efficiency (DE),
which is the ratio between dinitrogen (N2) flux and the sum of N2 and dissolved inorganic N (NH4

+ +

NOx
−) effluxes, varied between 27.4% (at site 4) and 63.4% (at site 2). Sites 1 and 3 had a comparable

DE (≈46–49%). The flux of SRP was in the range of −26.6–57.9 μmol m−2 h−1 without any significant
(One-way ANOVA, P > 0.05) difference among sites. Overall, sediments were net sources of SRP except
sea exposed sand at site 4.
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Figure 5. Sediment–water fluxes of ammonium (A), combined nitrite and nitrate (B), and soluble
reactive phosphorus (C) measured at four study sites in the Sacca di Goro Lagoon (median and
percentiles, n = 8). Different letters indicate statistical differences among sites.
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3.5. Macrofauna Community, Functional Traits and Benthic Ecosystem Functioning

In order to assess the effect of benthic invertebrates on microbial processes and fluxes at the
water–sediment interface, an RDA model was used. Macrofauna species were considered as explanatory
variables whereas fluxes and metabolic pathways were used as response variables. The model was
significant (Monte Carlo significance test of all canonical axes, F = 5.6780, P = 0.0001). The total amount
of variation explained in the response variables equaled 66% (sum of all canonical eigenvalues). The first
two axes (38.8% and 13.8%) were extracted as independent variables from the RDA. Taken together,
they accounted for 79.5% of the total explained variance in biogeochemical parameters (response
variables). C. salinarium contributed most to the variation (15.2%), followed by V. philippinarum (6.2%)
and gammarids (2.4%). The first axis was mainly correlated to chironomid larvae, gammarids, and
corophiids, and was strongly but negatively correlated to spionids. The second axis was positively
correlated with spionids and oligochaetes and negatively correlated to caprelids. Most of found
explanatory–response variable relationships were ecologically reasonable and with a direct ecological
background (see the discussion section).

The triplot (Figure 6) allows to distinguish specific correlation, between site-specific macrofauna
and particular metabolic pathways and fluxes measured in the four studied areas. Benthic net fluxes of
Mn2+, NH4

+, and TCO2 were strongly associated to the benthic activity of gammarids and C. salinarius.
Denitrification (D14, Dw, and Dn) were best explained by a model when including V. philippinarum,
M. insidiosum, and caprelids (with an opposite effect) presence. The presence of V. philippinarum and
M. insidiosum were also positively correlated to SRP flux and TOU. Oligochaetes, Neanthes, and spionids
negatively affected TCO2 and NH4

+ fluxes.

Figure 6. Distance triplot of redundancy analysis (RDA) on fluxes (TOU; TCO2, Mn2+, NH4
+, NOX

−,
and SRP) and processes (denitrification—D14, Dw, and Dn) in the Sacca di Goro Lagoon, using the
eight most representative benthic macrofauna as explanatory variables (V. philippinarum, Neanthes,
spionids, oligochaetes, C. salinarius, M. insidosum, gammarids, and caprelids). Numbers (1–32) indicate
single cores collected from the four sampling sites. The thick arrows are the vectors of the explanatory
variables. The projection of any sample onto arrows approximates the measured value in that sample.

Partial-RDA analysis (triplot not shown) was used to disentangle the pure effect of the 8 species
of macrofauna (X1) from the possible effect given from the four sites (X2) taken in consideration
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(macrofauna-location portioning). Variation partitioning analysis of benthic processes explained by
functional diversity and sites (as nominal explanatory variables) indicates a strong synergistic effect
on the total variance explanation. The total amount of variation explained in the response variables
equaled 44% (sum of all canonical eigenvalue) (Table 2). Variable species alone explained (X1 | X2) 19%
of benthic flux variation, whereas sites differences (X2 | X1) alone explained only the 8%; the sum of
effects explained the 47% of the variation.

Table 2. Summary table showing variation partitioning and calculation of benthic fluxes explained by
macrofauna species, sites, and joined effect. Explained variance can be portioned in [A], [B], and [C].
[A] = percentage of variability merely explained by macrofauna; [C] = percentage of variability merely
explained by location; [B] = percentage of variability explained by a synergistic effect.

Predictors and Covariables Df
Sum of All Canonical

Eigenvalues (%)

(Species effect ∪ Site effect) = [A+B+C] 9 74

Species | Site effect = [A] (Site effect as covariable) 6 19

Site effect | species = [C] (Species as covariable) 3 8

Species effect ∩ Site effect = [(Species effect ∪ Site effect) –
(Species effect | Site effect) − (Site effect | Species effect)] = [B] 0 74 – (19) – (8) = 47

Residuals = [Total inertia – (Species effect ∪ Site effect)] 0 100 – 74 = 26

4. Discussion

While in most deep aquatic ecosystems, meiofauna and microbial communities are drivers
of benthic processes, in coastal estuarine systems macrofauna play a major role in organic matter
mineralization and nutrient cycling [8,58–60]. The analysis of macrofauna diversity, abundance,
functional role, and distribution is therefore central to understand coastal lagoon functioning [16,24].
The latter can be defined as the capacity of sediments to process organic matter inputs, avoiding excess
carbon accumulation and resulting in fast nutrient turnover. Excluding the autotrophic component,
benthic functioning in an eutrophic ecosystem with large N excess can also be defined as the degree of
coupling of microbial processes (e.g., ammonification, nitrification, and denitrification) that results
in net N loss and limited regeneration to the water column [61,62]. In present study, we did not
characterize organic matter input to sediments and we cannot calculate the balance between input and
output terms; however, we can reconstruct some paths of benthic N cycle and speculate on the role of
macrofauna as regulator of microbially mediated N-processes.

4.1. Physico-Chemical Zonation and Macrofauna Composition

The four studied dominating areas of the lagoon revealed to be distinct environments, differing
in sediment type, organic matter content, average salinity, and bottom water nutrient concentration
(Table 1). Despite its small size, the Sacca di Goro Lagoon has a marked zonation that depends on
the freshwater inputs, sea–lagoon water exchange, the extent of primary production, and deposition
rates [43,44,47,48]. The observed difference in a number of bottom macrofauna species and functional
traits (Figure 2) is most likely related to these environmental differences.

Freshwater input is the main driver of benthic ecosystem functioning in site 1, where nutrient loads
affect rates and direction of the benthic solute fluxes. Intensive discharge transports sediment-bound
nutrients (particularly phosphorus and silica), as well as dissolved inorganic nutrients such as NO3

−,
due to its high solubility and mobility. Due to shallow depths, most allochthonous particulate matter
settles on surface sediment, where it is mineralized to inorganic nutrients. Dissolved nutrients from
bottom water accumulate in pore water due to gradient driven diffusive transport, resulting in deep
penetration of electron acceptors (e.g., NO3

−) [40]. Due to tidal exchange and freshwater flushing from
the Po di Volano River, a major portion of macrofauna biomass mainly consists of sediment dwelling
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opportunistic species, such as spionids, oligochaetes, and M. insidiosum, tolerant to high organic matter
content and lower O2 concentration [63].

In the sheltered accumulation area (site 2), mainly autochthonous organic matter inputs
(macroalgae and phytoplankton) are delivered by dominating hydrodynamic circulation.
Such conditions favor the development of a thick layer of organic matter on the surface sediment and
limits O2 or NO3

− sediment penetration [38]. As a consequence, the dominant pathways of anaerobic
respiration lead to the accumulation of reduced metabolites such as sulfides and NH4

+, which are
toxic for living macrofauna. This may explain the lack of macroinvertebrates other than M. insidiosum
and C. salinarius.

Site 3 is located within the clams farming area. Our findings are consistent with results from
previous surveys [48,64,65], which show that the most diverse benthic community is generally found
in the central–western part of the lagoon. Clams farming operations may lead to a moderate or high
disturbance of benthic community [36], setting to zero the competitive advantages of potentially
dominant species. High densities of filter-feeders produce changes in sediment physico-chemical
characteristics, as organic enrichment that may favor the proliferation of small-sized tolerant
macrofauna [66,67]. High clams density results also in large stimulation of O2 and NH4

+ fluxes
due to combination of respiration, labile particles mineralization, and direct excretion [29,46].

Site 4 is a sandy area exposed to tidal forcing and strong currents that prevent organic matter
accumulation and restrict macrofauna distribution [68,69]. We speculate that macrofauna community
composition at this marine site is shaped by hydrodynamic condition and sedimentary features.
The limited organic pool in the sediments and the low concentrations of suspended matter in the
water column result in a diversified benthic community but with low densities (Figure 2). Spionids are
abundant at this site as this taxa prefers sandy substratum and tolerates wide salinity variations [65,70].

4.2. Macrofauna Affect Benthic Metabolim and N-Cyling across Sites

In the Sacca di Goro Lagoon, as in other eutrophic estuarine systems, low O2 levels and anoxic
crises are frequent and may affect the whole system functioning [37,71]. Due to the shallowness of the
lagoon, O2 dynamics in the water column is primarily driven by benthic metabolism. Although rates
of benthic O2 uptake were similar at the sites 1, 2, and 3 (5 mmol m−2 h−1 on average), we speculate
that mechanisms underlying oxygen consumption were different. At the first two sites, re-oxidation of
anaerobic metabolism end-products (e.g., free sulfides, ferrous iron, or manganous manganese) was
likely an important sink for O2, whereas at the other sites, respiration by benthic organism was the
dominant oxygen-consuming path.

We tentatively reconstructed the benthic N-cycling from combined measured fluxes and calculated
processes at each site. Benthic N-cycling consists of multiple processes, mostly mediated by bacteria,
but strongly influenced by the presence and the activity of macrofauna. We therefore tried to explain
at each site how macrofauna community drives N paths (Figure 7).

At site 1, a high efflux of NO3
− suggests high rates of NH4

+ oxidation via nitrification which
is tightly coupled to ammonification. This idea is supported by large NO3

− efflux and negligible
NH4

+ release from sediments. A major percentage of NO3
− (86%) produced via sediment nitrification

accumulates in near-bottom water and only a small amount diffuses to anoxic sediments where it is
denitrified (12%). The results from the RDA stress the strong positive relationship among burrowing
organism abundance at the site 1 and the measured TCO2, NH4

+, and NOx
− fluxes (Figure 5).

Abundant M. insidiosum and polychaete populations are able to create a dense network of burrows
which extend the surface for solute exchange and the volume of oxic niches, stimulating bacterial
activity. Furthermore, continuous ventilation of burrows by M. insidiosum supports nitrification
process that requires O2 and CO2 [35]. Therefore, in this type of sediments, CO2 production via
mineralization is likely offset by high nitrifiers assimilation. We also expect synergetic effect of spionids
and M. insidiosum on nitrification. Spionids, which typically burrow deeper than M. insidiosum,
enhance NH4

+ mobilization from deeper sediment layers to the surface horizons [72,73]. Here, NH4
+
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is oxidized to NO3
− in burrows of M. insidiosum. Moares et al. [35] showed that the production

of NO3
− is significantly correlated with the abundance of M. insidiosum. As a result, nitrification

largely prevails over denitrification in this type of habitat. However, low denitrification efficiency
suggests that nitrification and denitrification are spatially uncoupled processes because of active
burrow ventilation and the thickness of the oxic zone. The diffusion path of NO3

− from the water
column to the anoxic denitrification zone is so thick that Dw is significantly reduced, despite high
water column NO3

− concentration. Modelled rates of Dw are in fact much higher than measured
rates (829 versus 153 μmol m−2 h−1 [57]). We calculated that only 6% of the water column NO3

− pool
(assuming 1 m depth) is denitrified per day.

Figure 7. Flow scheme for benthic nitrogen (N) pathways for each site, which were calculated from
combinations of measured fluxes and process rates. The mineralization of organic N was estimated as
the sum of net NH4

+ and NO3
− efflux and nitrification coupled to denitrification (Dn); nitrification

rates were estimated as the sum of the net NO3
− efflux and Dn; net NO3

− efflux is the sum of measured
NO3

− efflux and denitrification based on bottom water NO3
−. The mean rates (average ± st. error)

are expressed on an hourly basis per unit of sediment surface (μmol m−2 d−1). Dissimilative NO3
−

reduction to NH4
+ (DNRA) was not measured but is represented as a dotted line, a likely occurring

path at site 2. Denitrification efficiency (DE) is the ratio between dinitrogen (N2) flux and the sum of
N2 and dissolved inorganic N (NH4

++NOx
−) effluxes.

At site 2, the sedimentary environment was chemically reduced as suggested by black color, smell
of sulfides, and high Mn2+ efflux. This indicates the dominance of anaerobic respiration (e.g., metal
reduction) with subsequent accumulation of Fe2+, Mn2+ and H2S in bottom water. Measured high
concentration of Mn2+ suggests an intensive manganese hydrooxides recycling. In coastal sediments,
manganese hydrooxides can be either reduced to Mn2+ through microbial respiration or by the chemical
oxidation of reduced iron and sulfur species [74,75]. In such O2-poor sediments, the reduction of
metal hydrooxides with subsequent SRP mobilization to pore and adjacent bottom water is frequently
observed [76]. Macrofauna community in this part of the lagoon mostly consists of small-sized surface
burrowers such as C. salinarius, M. insidiosum, and gammarids. Ventilation of burrows by these
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specimens can also enhance exchange of microbial metabolism end-products. RDA analysis shows
macrofauna functional traits being related to the SRP, Mn2+, and NH4

+ release from sediment and N
loss via denitrification (Dw). Previous studies showed minor or negligible effect of these macrofauna
taxa on nitrification and subsequently its coupling to denitrification in the burrow walls [77]. At site 2,
ammonification is the dominant pathway within the N cycle. Relatively large amount of regenerated
NH4

+ (94%) accumulates in bottom water. The thin oxic sediment layer constrains nitrification process
in the upper sediment layer, and thus rates are uncoupled to those of ammonification. We speculate that
the limited O2 penetration results in a short path to get to the anoxic layer, and as a result denitrification
is mainly fueled by water column NO3

− (92% of N2 production) which reduces up to 18% of the nitrate
pool in water. We also speculate that at this site NO3

− reduction to NH4
+ could play an important

role as nitrate sink and ammonium source. The comparison between macrofauna effects at sites 1
and 2 reveals that M. insidiosum can produce contrasting effects depending on site-specific features.
If a fraction of the NH4

+ flux measured at the site 2 is driven by dissimilative NO3
− reduction to NH4

+

(DNRA) rather than organic matter mineralization, part of the NO3
− flux to sediment could be recycled

as NH4
+ (Figure 7). The specific conditions of site 2 result in much higher denitrification efficiency.

We assume that at site 3, where high macrofauna biomass was observed, O2 is respired by benthic
macrofauna itself. According to [46], V. philippinarum, which is abundant at this site, contributes to a
significant part of O2 uptake and TCO2 production. In addition, clams alone can excrete SRP and such
direct excretion may account for up to 90% of the net flux measured during summer [39,78]. SRP fluxes
can be sustained also by deposition and subsequent mineralization of feces [76]. Limited SRP fluxes in
clams farming areas can be surprising, but the co-presence of clams and M. insidiosum may provide a
reasonable explanation. SRP directly or indirectly produced by clams might in fact be transported
within M. insidosum burrows during its ventilation and trapped through co-precipitation with metal
hydrooxides. The same clams–amphipods association may result in coupled rates of ammonification,
nitrification, and denitrification, promoting N-loss.

Our results suggest that clams also influence N-cycling in the followings ways: (i) directly by
sediment bioturbation and (ii) indirectly by filtration and biodeposition of organic matter from water
column to bottom sediments. V. philippinarum can be considered as shallow-burrower rather than
deep-burrower but its bioturbation activity is strongly correlated to denitrification process (Dn in
particular, see Figure 7). At this site, nearly 61% of sedimentary NH4

+ is oxidized to NO3
− within the

sediment and subsequently almost the entire pool is denitrified to N2. Approximately 62% of the total
denitrification comes from the coupled nitrification–denitrification process. The direct stimulation
of N processes, in particular nitrification, is likely due to additional habitat provided by burrow
walls. The syphons of V. philippinarum provide a microoxic environment within sediments, which may
support the activity of nitrifiers [39]. In addition, clams can excrete relevant amount of NH4

+, which
accounts up to 80% of overall sediment N-regeneration [46]. A large part of NH4

+ is nitrified while
the remaining fraction is released to bottom water. The high abundance of M. insidiosum at site 3 can
support also nitrification and can be explained by the presence of clams, as these filter-feeders may
provide high quality food for the amphipod [79].

The lowest respiration with respect to O2 uptake and TCO2 production was found at site 4, where
sediment is poor in organic matter and macrofauna is characterized by low biomass and by high
number of functional traits: filter-feeders, deep burrowers, and scrapers. The balanced O2 uptake
and TCO2 production suggest dominating aerobic respiration. In this hydrodynamic active area,
sediment is always a sink for SRP due to high O2 penetration, which enhance buffer capacity, and
microphytobenthos uptake [80]. Continuous current exposure and sediment erosion prevent organic
matter accumulation and enhance pore water advection. Hence, low mineralization and end-product
oxidation as NH4

+ via nitrification is expected. Surprisingly, we observed a relatively higher NH4
+

efflux in comparison to site 3, where sediment also is poor in organic matter but host clams. At this site,
nearly 98% of sedimentary NH4

+ is released to the bottom water while negligible amount is oxidized
to NO3

− within the sediment, which later is completely denitrified to N2. Since sediment is poor in
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organic matter, it is difficult to explain NH4
+ efflux by mineralization. Closer inspection of each single

core suggests that the highest NH4
+ effluxes largely coincided with presence of musculista and partly

of V. philippinarum, while spionids have a less evident effect. It seems likely that NH4
+ excreted by

musculista is not directly incorporated into the benthic microbial communities at such sites under
high hydrodynamic activity. Approximately 88% of the total denitrification is fueled by NO3

− from
overlaying water, however, the denitrification rates were the lowest as compared to the other sites.
Due to high NH4

+ efflux and low denitrification rates, denitrification efficiency was low.

4.3. Conclusions

Predicting the effect of macrofauna diversity on benthic functioning can be critically important,
given present threats to biological diversity such as habitat destruction, loss of species, overharvesting,
and climate change. In the present work, we demonstrate that the relationships between biodiversity
and benthic functioning can be tackled with multiple approaches on natural, undisturbed sediments
collected along estuarine gradients. Multivariate analysis performed on single cores, each with
a specific community and metabolic rates, provide a statistical evidence on how macrofaunal
species drive sedimentary processes. The analysis of benthic N-cycling conducted at a larger scale,
grouping cores collected from the same site, allows to analyze how the interactions among different
macrofauna groups determine different net effects on multiple microbial process. The combination
of results from the two approaches allows in turn to speculate on underlying, macrofauna-mediated
processes. Our results suggest the occurrence of complex relationships among the physical
environment, the microbial communities and the macrofauna groups, exemplified by very different,
macrofauna-community-dependent N paths. Such complex relationships cannot be evaluated in
reconstructed sediment with single species, which provide very partial understanding of what
happens in nature. Surface and deep burrowing organisms provide key ecosystem services in
eutrophic shallow lagoon as they favor the oxidation of anaerobic path end-products, maintain active
geochemical buffers (e.g., against sulfides or SRP release), and prevent excess decrease of sediment
redox, resulting in negative feedbacks for macrofauna diversity. Cultivated clams are generally
considered as nutrient sources due to their elevated excretion rates and biodeposits, but our results
suggest that the co-occurrence of bivalves and burrowing organisms may promote nitrate loss via
denitrification coupled to nitrification. Our approach can be extended to manipulative studies in which
different macrofauna species can be added or removed in order to test specific hypotheses.
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Abstract: The combination of biogeochemical methods and molecular techniques has the potential to
uncover the black-box of the nitrogen (N) cycle in bioturbated sediments. Advanced biogeochemical
methods allow the quantification of the process rates of different microbial processes, whereas
molecular tools allow the analysis of microbial diversity (16S rRNA metabarcoding) and activity
(marker genes and transcripts) in biogeochemical hot-spots such as the burrow wall or macrofauna
guts. By combining biogeochemical and molecular techniques, we analyzed the role of tube-dwelling
Chironomus plumosus (Insecta, Diptera) larvae on nitrification and nitrate reduction processes in
a laboratory experiment with reconstructed sediments. We hypothesized that chironomid larvae
stimulate these processes and host bacteria actively involved in N-cycling. Our results suggest that
chironomid larvae significantly enhance the recycling of ammonium (80.5 ± 48.7 μmol m−2 h−1) and
the production of dinitrogen (420.2 ± 21.4 μmol m−2 h−1) via coupled nitrification–denitrification and
the consumption of water column nitrates. Besides creating oxygen microniches in ammonium-rich
subsurface sediments via burrow digging and ventilation, chironomid larvae serve as hot-spots
of microbial communities involved in N-cycling. The quantification of functional genes showed a
significantly higher potential for microbial denitrification and nitrate ammonification in larvae as
compared to surrounding sediments. Future studies may further scrutinize N transformation rates
associated with intimate macrofaunal–bacteria associations.

Keywords: chironomid larvae; nitrogen; microbial community; 16S rRNA; functional genes;
denitrification; sediment
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1. Introduction

Shallow estuarine systems are efficient coastal filters and biogeochemical reactors which regulate
organic matter and nutrient loads from land to the sea [1,2]. Their elevated retention of organic
sediment fuels high rates of benthic heterotrophic activity and primary production [3]. Such energy
and matter flows have positive feedbacks for benthic biodiversity and for the network of ecological
interactions that connect physical and biological compartments [3,4]. Thus, estuarine nitrogen (N)
cycling is a paradigmatic example of a set of biogeochemical transformations connecting micro- and
macro-organisms, modulated by physical environments and undergoing complex regulation and
feedbacks [5–7]. Within the estuarine N cycle, permanent N removal via dissimilative processes
such as denitrification is of particular interest, as well as undesired dissimilative nitrate reduction
to ammonium (DNRA)–N recycling, which is favoured under eutrophic conditions [8,9]. Processes
leading to permanent N removal counteract the excessive loads of reactive N to coastal areas, resulting
from anthropogenic activities such as agriculture and animal farming and inducing eutrophication,
loss of biodiversity and the deterioration of ecosystem health [10,11].

Microbially-mediated N transformations in estuarine sediments are supported and stimulated by a
range of macrofauna-related processes, collectively defined as bioturbation [3,12,13]. The multiple paths
by which metabolic or feeding strategies and behavioural features of macrofauna affect the physical
and biological environment and N-cycling have been scrutinized in many experimental studies. These
demonstrated that macrofauna may directly alter inorganic N concentrations as well as the quality and
quantity of organic N via respiration, excretion and biodeposition activities [14–21]. Biodeposits from
filter-feeding macrofauna, for example, may increase denitrification and ammonification rates [19,22].
Macrofauna are demonstrated to also produce indirect effects on N biogeochemistry via sediment
reworking and burrow construction, ventilation or bioirrigation, which may stimulate coupled
nitrification–denitrification [14,15,23,24].

Therefore, being involved in N-cycling, macrofauna may facilitate the growth of primary producers
or smooth their competition with bacteria for N, resulting in simultaneous high uptake and high
loss via denitrification [7,25,26]. Macrofauna may also locally affect microbial communities, creating
specific niches such as shallow or deep burrow lining, where peculiar microbiomes develop along
the chemical gradients [17,20,27]. Fascinating but less explored is the role of macrofauna as microbial
community elevators or transporters, as macrofauna continuously migrate vertically and horizontally
across sediments, exposing their associated microbiome to different chemical gradients (e.g., from
oxygen (O2) and nitrate (NO3

−)-rich to anoxic, ammonium (NH4
+)-rich). Even less is known about

microbial activities occurring within the guts, gills or intestines of macrofauna [28,29]. Substantial
densities of symbiotic microbes (e.g., N-fixers, sulphide oxidizers) were detected, for example, in
the gills of lucinid bivalves [30]. Even though intimate microbe–macrofauna interactions are likely
widespread, they are largely understudied due to methodological limitations or the oversimplification
of experimental approaches. Therefore, the cumulative effects of macrofauna and their associated
microbiomes are rarely accounted for in biogeochemical studies, and their actual magnitude may be
underestimated when assessing ecosystem-wide processes.

The advances of in situ and laboratory approaches based on the use of isotopic tracers
have allowed more accurate quantitative assessment of multiple microbial N transformations and
their regulation, including ammonification, nitrification and nitrate reduction processes [7–9,16,21].
Integrating biogeochemical approaches with novel molecular tools (such as the metabarcoding of
microbial biodiversity or quantification of target functional genes) enables the detailed exploration of
macrofaunal–bacterial interactions and of their wider role in benthic ecosystem functioning [18,20,29].

In this study, we analysed the effects of sediment-dwelling Chironomus plumosus (Insecta, Diptera)
larvae on benthic N transformations combining biogeochemical and functional genomic measurements
under controlled conditions. We targeted chironomid larvae—an understudied group compared
to other macrofauna—for multiple reasons. They may attain large densities and dominate in
organic-rich, chemically reduced sediments, where they may create steep redox gradients across
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their burrows [12]. They are suspension feeders and pump large volumes of O2 and NO3
−-rich

water into sediments [31]. Therefore, we hypothesized a substantial stimulation of N-cycling in
sediments inhabited by chironomid larvae, as they may alter the sediment’s physical structure and
host bacteria that catalyse N transformations. To test this hypothesis, we measured inorganic N fluxes
in bioturbated sediments in combination with the 16S rRNA metabarcoding of bacterial communities
isolated from (1) subsurface, anoxic sediments, (2) burrow wall sediments, and (3) chironomid larvae.
We then quantified the representative marker genes involved in N-cycling and their transcripts to
better understand whether chironomid larvae and their associated microbiome may contribute to
nitrification and/or to NO3

− reduction.

2. Materials and Methods

2.1. Experimental Setup

In July 2018, muddy sediments with high organic carbon and total N contents (12% and 1.8%,
respectively; [2]), water, and chironomid larvae (C. plumosus) were collected in the Lithuanian part
of the Curonian Lagoon (55◦17′51.7” N, 21◦00′36.0” E) at a water depth of 3 m. In the laboratory,
approximately 15 L of sediment was sieved through a 0.5 mm mesh to remove large debris, chironomid
larvae and other occasional macrofauna, and gently mixed to a slurry. The homogenized sediment
(median grain size = 0.032 μm) was transferred into 10 bottom-capped Plexiglass liners (height = 30 cm,
inner diameter = 8 cm) to reconstruct a 10 cm sediment layer in each microcosm. Thereafter, all
microcosms were carefully filled with unfiltered water from the sampling site.

Two treatments (five replicates each) were applied to the microcosm cores: sediments without
macrofauna (control) and sediments with nine added chironomid larvae per core (corresponding to
1800 ind. m−2). All chironomid larvae added to the cores immediately burrowed in the sediment
down to 3–5 cm depth. In each core, a magnetic bar was fixed 10 cm above the sediment surface to stir
the water while avoiding sediment resuspension. Then, all the cores were submerged into a 200 L
tank, filled with aerated and well-mixed lagoon water (salinity = 0.2, pH = 8.3, dissolved inorganic
N conc. ~2 μmol L−1) maintained at ambient temperature (16 ± 0.2 ◦C). The tank was equipped
with two central magnets rotating at 40 rpm, driving the magnet bars inside the cores. Thus, water
exchange with the tank was ensured to avoid water column stratification inside the cores and regulate
oxygenation. The cores were pre–incubated in the dark for 14 days to attain (1) stable vertical and
horizontal chemical gradients after sediment sieving and homogenisation and chironomid larvae
addition, and (2) stable bacterial communities within the sediment and along the burrows’ walls [32].
During the pre-incubation period, all microcosms were regularly checked for the development of
light brown halos along chironomid larvae burrows. About 30% of the tank water was renewed
every 2 days to maintain suspended matter, nutrient concentrations and chemical gradients across the
sediment–water interface close to in situ conditions. A scheme of the experimental set up is provided
in Figure 1.

 

Figure 1. Scheme of the experimental set up.
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2.2. Benthic Flux Measurement

After 14 days of pre-incubation, benthic fluxes of dissolved gas (O2, N2, N2O) and inorganic
N (NH4

+, NO2
− and NO3

−) were measured in all microcosms during 5 h incubation in dark [33].
Measurements were taken through a gas-tight top lid equipped with an optical sensor spots (PyroScience
GmbH, Aachen, Germany) and a sampling port. The incubation was restricted to 5 h to keep oxygen
within 20–30% of the initial concentration. At the beginning and at the end of the incubation, 40 mL
water samples were collected, with two aliquots immediately transferred into 12 mL exetainers (Labco
Limited, Lampeter, UK) and fixed with 7 M ZnCl2 for O2, N2, and N2O measurements. A 10 mL
aliquot was filtered (Frisanette GF/F filters), transferred into a plastic test tube and frozen immediately
(−20 ◦C) for later inorganic N analyses. The solute exchange at the sediment–water interface was
calculated as follows:

Fx =
(C f −Ci) ×V

A× t
(1)

where Fx (μmol m−2 h−1) is the flux of the chemical species x, Cf and Ci (μmol L−1) are the final and
initial concentrations of the chemical species x, respectively, V (L) is the water volume in a core, A (m2)
is the surface area of the core sediments, and t (h) is the incubation time.

Dissolved O2 and N2 were measured as O2:Ar and N2:Ar ratios by membrane inlet mass
spectrometry (MIMS, Bay Instruments, Maryland, USA) at Ferrara University, Ferrara, Italy [34].
Ratios were multiplied by theoretical Ar concentration at experimental water temperature and salinity.
Nitrous oxide (N2O) concentrations were determined by headspace analysis on a Thermo Scientific
Gas Bench-Precon-IRMS system at UC DAVIS the Stable Isotope Facility, California, USA. Dissolved
NH4

+, NO2
− and NO3

− were measured with a continuous flow analyzer (San++,Skalar Analitical B.V.,
Breda, The Netherlands ) using standard colorimetric methods [35].

2.3. Oxygen Consumption by Individual Chironomid Larvae

In parallel to sediment core incubations, individual chironomid larvae were incubated in 0.22 μm
filtered water to assess the O2 consumption associated with the animals alone. Briefly, three individuals
collected from the same location as above were placed in a Plexiglass chamber (total volume 227 mL)
which was partly filled (41 mL) with glass beads (diameter 200–300 μm), and the rest filled with water
(186 mL). For this experiment, five chambers with animals plus one chamber with filtered water only
(control) were set up.

The chambers were sealed without including any air bubbles and were incubated for approximately
16 h in the dark at in situ temperature. A stirring magnet was placed in each chamber, allowing
continuous water mixing during incubation. The concentrations of O2 in the water were monitored
before and after incubation by a pre-calibrated Clark-type oxygen microelectrode (OX-50, Unisense A/S,
Aarhus, Denmark). At the end of the incubation, larvae were recovered and weighed. In this experiment,
the chironomid larvae wet weight was 0.030 ± 0.003 g (mean ± st. dev.). Oxygen consumption was
then calculated as a function of animal wet weight (g WW), according to Bonaglia et al. [36]. The O2

consumption rates in the experimental chambers with chironomid larvae were corrected for the
minimal O2 consumption in the chamber with filtered water only.

2.4. Nucleic Acid Extraction

At the end of the incubation, sediments for molecular analyses were subsampled from the
two randomly selected bioturbated cores (see Figure 1) by collecting approximately 1.5–2 g of
subsurface (3–5 cm depth) anoxic sediment and sediments along the burrow wall with a sterile spatula.
Anoxic sediments and sediment around burrows were clearly distinguishable by their color, with a
light-brown-to-black transition from the oxidized burrow to the outer, chemically reduced sediment.
Then, 0.3 g (wet weight) of sediment from each zone was homogenized and equally split for DNA and
RNA extractions. Chironomid larvae (n = 6) were retrieved for molecular analyses from sediments
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and washed with sterile distilled water (three times). The three types of collected samples—(1) anoxic
sediments, (2) oxidized burrow walls, and (3) chironomid larvae—were immediately processed for
DNA and RNA extractions. Briefly, DNA was extracted and purified using the QIAamp Fast DNA
Stool Mini Kit (Qiagen, Germantown, USA) following the manufacturer’s protocol with an amended
lysis temperature (temperature was increased to 90 ◦C to improve bacterial cell rupture).

RNA was extracted with the RNA easy Mini Kit (Qiagen, Germantown, USA) applying additional
incubation with lysozyme (20 mg/mL) and mutanolysin (35 μL/1 mL for 90 min at 37 ◦C). After
incubation, 1 mL of Trizol was added and samples was subjected to four cycles of bead beating with
glass beads (for 2 min) and rested in the ice (for 3 min) followed by incubation at room temperature
(for 5 min). Sediment and cell debris were pelleted by centrifugation at 12,000 rpm for 15 min at
4 ◦C. The supernatant was transferred to a fresh tube and fixed with 0.2 mL of chloroform, mixed
by inversion and left at room temperature for 15 min prior to centrifugation, as described above.
The upper aqueous layer containing the RNA was transferred to a new sterile 1.5 mL tube, and RNA
cleaning was performed using the RNAeasy Mini Kit (Qiagen, Germantown, USA) according to
protocol instructions. The purified DNA and RNA was stored at −80 ◦C.

2.5. Synthesis of cDNA

Extracted RNA were treated with TURBO DNase (Invitrogen, Carlsbad, USA) according to
the manufacturer’s instructions. To check whether the RNA sample was free of DNA, a control
polymerase chain reaction (PCR) was carried out using universal bacterial primers of 16S rRNA [37].
PCR amplification was undertaken in a total volume of 22 μL using 11 μL of Platinum Green Hot
Start 2X Master Mix (Invitrogen, Carlsbad, USA), 0.3 μM of each primer, 1.25 μg μL−1 of bovine serum
albumin (BSA) and 2 μL of template. Thermocycling conditions were 95 ◦C for 3 min, followed by 30
cycles of 95 ◦C for 30 s, 54 ◦C for 30 s, 72 ◦C for 45 s, and a final extension of 72 ◦C for 10 min.

Reverse transcription (RT) was performed with a SuperScript III Reverse Transcriptase (Invitrogen,
Carlsbad, USA) following the manufacturer’s instructions. Two negative controls lacking either reverse
transcriptase or RNA were included. Control PCRs (same as above) were performed to confirm the
transcription to complementary DNA (cDNA) and the negative controls using the product of the RT
reaction as a template.

2.6. Amplification and Sequencing of 16S rRNA Gene and Bioinformatics

Partial 16S rRNA gene sequences were amplified from extracted DNA using the primer pair
Probio Uni/Probio Rev, targeting the V3 region of the 16S rRNA gene sequence [37]. The amplification
of the 16S rRNA gene was verified as previously described by Milani et al. [37]. High-throughput
sequencing was performed at the DNA sequencing facility of GenProbio srl (Parma University, Parma,
Italy) on an Illumina™MiSeq according to the protocol previously reported in [37]. Metabarcoding
reads recovered by paired-end sequencing were merged using the Illumina MiSeq analysis software
under the default settings.

Following sequencing, the fastq files were processed using a custom script based on the QIIME
software suite [38]. Paired-end read pairs were assembled to reconstruct the complete Probio
Uni/Probio_Rev amplicons. Quality filtering retained sequences had a length between 140 and
400 bp and a mean sequence quality score > 20, while sequences with homopolymers > 7 bp and
mismatched primers were discarded. Operational taxonomic units (OTUs) were defined at ≥99%
sequence homology using uclust [39], and OTUs with less than 10 sequences across datasets were
filtered out. All reads were classified to the lowest possible taxonomic rank using QIIME [38] and a
reference dataset from the SILVA 132 database [40].

2.7. Quantitative PCR Analyses

Quantitative polymerase chain reactions (qPCR) were used to quantify the abundance and activity
of functional genes involved in N-cycling: (1) genes of haem-containing nitrite reductase (nirS),
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(2) Cu-containing nitrite reductase (nirK), (3) ammonia monooxygenase (amoA), and (4) cytochrome C
nitrite reductase (nrfA) (Table 1).

Table 1. List of primers, strains and annealing temperatures used in this study. AOA—ammonia
oxidizing archaea, AOB—ammonia oxidizing bacteria.

Gene Primer Primer Sequence Ann. Temp. Reference Strain

nirS
F3nir SCCGCACCCGGGBCGYGG

60 ◦C Pseudomonas stutzeri
(DSM 4166)R4bcd CGTTGAAYTTRCCGGTSGG

nirK
F1aCu ATCATGGTSCTGCCGCG

60 ◦C Achromobcter sp.
(DSM 30128)R3Cu GCCTCGATCAGRTTGTGGTT

AOA-amoA
AOA-amoA-f CTGAYTGGGCYTGGACATC

54–60 ◦C Nitrosopumilus maritimus
(NCIMB 15022)AOA-amoA-r TTCTTCTTTGTTGCCCAGTA

AOB-amoA
amoA-1F GGGGHTTYTACTGGTGGT

63 ◦C Nitrosomonas europaea
(DSM 28437)amoA-2R CCCCTCKGSAAAGCCTTCTTC

nrfA nrfA-F2aw CARTGYCAYGTBGARTA
60 ◦C Citrobacter freundii

(DSM 30039)nrfA-R1 TWNGGCATRTGRCARTC

Genomic DNA from reference organisms was used to make standard curves and positive controls.
Standard curves were constructed using PCR products of the nirS/K, nrfA and amoA genes from the
corresponding reference strains (Table 1). For this, the PCR products were purified with the commercial
kit (PureLink PCR Purification Kit, Invitrogen, Carlsbad, USA) and their concentration was measured
by Qubit 3.0 (Invitrogen, Carlsbad, USA). Obtained products were sequenced at BaseClear B.V (Leiden,
The Netherlands) to confirm their identity. Then, serial dilutions were applied to verified products
within the range of 103–107 copies of a gene per reaction and used to calibrate the quantification of
target genes in samples.

Quantitative PCR was performed with the StepOnePlus Real Time PCR system (ABI 7900 HT
Sequence Detection System, PE Biosystems, Waltham, USA) using optical grade 96-well plates. The PCR
reaction was run in the final volume of 20 μL containing 10 μL of SYBR Green master mix, 0.2 μM
of forward and reverse primers, 2 mM of MgCl2 (25 mM) and 2 μL of DNA sample (diluted 1/10).
The thermocycling conditions were as follows: 50◦ C for 2 min; initial denaturation at 94 ◦C for 10 min;
40 cycles at 94 ◦C (1 min), 60 ◦C (1 min), 72 ◦C (1.5 min); and final elongation at 72 ◦C (5 min). To assess
the specificity of amplifications, a melting curve analysis was performed. Each sample was analyzed
in triplicate. Triplicate no-template controls were included in each qPCR assay. The abundance and
expression of target genes (DNA and RNA samples respectively) were recalculated to copies per g wet
weight of a sample (sediment or chironomid larvae).

2.8. Statistical Analysis

The D3 JavaScript library [41] was used to visualize the taxonomic composition of metabarcoding
data. Venn diagrams were generated using R package VennDiagram [42] to visualize the proportion of
overlapping and unique OTUs within each dataset (anoxic sediments, burrow wall sediments, and
chironomid larvae).

Quantitative data (benthic fluxes and abundance and expression of target genes) were visualized
using boxplots. Non-parametric Kruskal–Wallis tests were applied to determine the significant
difference in benthic net fluxes derived from experimental treatments (control and chironomid larvae
microcosms) as well as the difference in the abundance and expression of target genes in anoxic
sediments, burrow wall sediments and chironomid larvae. Where relevant, the post-hoc pairwise
comparisons were performed using Dunn’s test with Bonferroni alpha-correction implemented in the
Pairwise Multiple Comparison of Mean Ranks package (PMCMRC, [43]). All analyses were performed
in R v3 software [44].
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3. Results

3.1. Benthic Fluxes at the Sediment–Water Interface and Animal O2 Consumption

The presence of chironomid larvae significantly increased benthic metabolism (Kruskal–Wallis test,
p < 0.01, for O2 and N2), reduced NO3

− efflux and stimulated NH4
+ recycling (Figure 2). The uptake

of O2 varied from −45.3 to −3125 μmol m−2 h−1 with 72% higher respiration in the chironomid larvae
treatment. The O2 uptake associated with chironomid larvae was −269 ± 21 μmol g−1 WW d−1

(range between −329 and −216 μmol g−1 WW d−1). When extrapolated to a square meter of sediment
containing 1800 individuals, this resulted in a chironomid–associated O2 uptake of −598 μmol m−2 h−1.

Figure 2. Benthic net fluxes of dissolved oxygen (A), ammonium (B), dinitrogen (C), nitrite (D), nitrous
oxide (E) and nitrate (F) at the sediment–water interface measured in the control and the chironomid
larvae microcosms. Each boxplot (n = 5) represents the data range (whiskers), upper and lower quartiles
(edges), the median (horizontal line), and the mean (black diamond).

Similar to O2, net production of N2 was also higher in the chironomid treatment
(420.2 ± 21.4 μmol m−2 h−1). We measured N2O efflux in both treatments, but due to high variability,
the difference between the control and the chironomid treatment was not significant (Kruskal–Wallis
test, p > 0.05; Figure 2). The net flux of N2O being two orders of magnitude lower than N2 suggests
that complete denitrification was the dominant process.

Chironomid larvae had a significant (Kruskal–Wallis test, p < 0.01) effect on nutrient exchange
at the sediment–water interface (Figure 2). In the presence of larvae, sediments shifted from a sink
(−73.5 ± 14.9 μmol m−2 h−1) to source of NH4

+ (80.5 ± 48.7 μmol m−2 h−1). Conversely, the efflux of
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the oxidized form of inorganic N decreased when sediments were bioturbated by chironomid larvae.
The net fluxes of NO2

− and NO3
− were 4 and 2 times lower in the chironomid treatment compared to

the control.

3.2. Bacterial Community Composition

An overview of the bacterial community composition using 16S rRNA metabarcoding revealed a
prominent difference between sediment samples and chironomid larvae (Figure 3). Of the 35 bacterial
phyla detected across all samples, Proteobacteria was the most dominant in sediment samples, followed
by Nitrospirae and Chloroflexi. In chironomid larvae, the bacterial community was dominated by three
phyla: Firmicutes (40.1%), Proteobacteria (27.6%) and Bacteroidetes (24.4%). No Archea sequences
were detected in the samples.

Figure 3. Overview of the bacterial community composition detected using the 16S rRNA marker
gene in anoxic sediments, burrow wall sediments and chironomid larvae. The charts show the relative
abundance of sequences at different taxonomic levels. To aid in visualization, taxa contributing
<0.1% are not shown. The inner circle demonstrates the percentage of taxa assigned at the highest
level (Bacteria).

Out of 4841 OTUs detected across three samples, 17.8% were shared between sediments (anoxic
sediment and burrow walls) and larvae (Figure 4). These OTUs represented 187 families and 24 phyla.
Most of the shared OTUs present in chironomid larvae belonged to Firmicutes (41.4%), Proteobacteria
(27.6%), and Bacteroidetes (24.4%). The OTUs detected exclusively in chironomid samples (326 OTUs
assigned to 14 families) were dominated by Tenericutes (59.3% of reads), followed by Firmicutes
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(15.6%), Saccharibacteria (10.4%), Cyanobacteria and Elusimicrobia (3.8% each), Actinobacteria (3.6%)
and Bacteroidetes (1.4%).

Figure 4. Venn diagram showing the numbers of unique and shared operational taxonomic units
(OTUs) in anoxic sediment, burrow wall sediment and chironomid larvae samples (OTU numbers are
indicated in the corresponding cross-sections of the diagram).

3.3. Abunadance and Activity of Nitrifying and Denitrifying Genes

Quantitative PCR assays used to quantify the abundance and transcriptional activity of the targeted
functional genes associated with the oxidation of NH4

+ to NO2
− (amoA) and its reduction to nitric

oxide (NO; nirS/nirK) or to NH4
+ (nrfA) showed that bacterial amoA genes were present in all samples,

whereas archaeal amoA genes were not detected. Significant differences (p < 0.05, Kruskal–Wallis test
followed by pairwise Dunn’s test) were detected only for nirS and nrfA gene abundance between the
anoxic sediment and chironomid larvae samples (Figure 5A,D). Gene transcripts of nitrite reductase
genes nirS and nrfA were detected in significantly lower copy numbers than their relative genes copy
numbers (p < 0.001, Kruskal–Wallis test). Gene transcripts of bacterial amoA genes were detected and
quantified from all types of samples at rather consistent rates, similar to DNA copy numbers detected
for this gene (Figure 5C), whereas no nirK gene transcripts were detected in any type of samples
(Figure 5B).
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Figure 5. Abundance (DNA) and transcriptional activity (RNA) of the four analyzed target genes—nirS
(A), nirK (B), amoA (C) and nrfA (D)—assessed in the anoxic sediment, burrow wall sediment and
chironomid larvae samples. Each boxplot represents the data range (whiskers), upper and lower
quartiles (edges), median (horizontal line) and group mean (black diamond). The square brackets
indicate significant pairwise difference between treatments (Kruskal–Wallis test followed by pairwise
Dunn’s test).

4. Discussion

Benthic macrofauna affect the distribution and quality of organic matter and the availability of
electron acceptors by burrowing, ventilating and feeding, thus altering microbial communities and
their metabolic activity [23,45]. In soft-sediment estuarine environments, it is generally expected that
the cumulative effect of burrowing infauna on solute fluxes results in an overall increase of NH4

+ and
N2 efflux and a decrease of NO3

− efflux [12,16,29]. The present study aimed at a better understanding
of how sediment-dwelling chironomid larvae facilitate solute transport, including electron acceptors
(O2 and NO3

−), from the overlaying water column to the deep sediment, or vice versa. Furthermore,
we were interested in how changes in solute transport in turn may stimulate microbial communities
involved in nitrification and NO3

− reduction processes within the sediment.
Higher N2 production in the presence of chironomid larvae confirms their stimulatory effect

on denitrification, while N2O production did not change significantly between treatments and was
considerably lower than N2 production. Our results are in line with those of a previous study indicating
that with high O2 availability and low NO3

− concentrations in the water, the overall N2O flux from
both bioturbated and non-bioturbated sediments is minimal [36]. Stief et al. [46] described higher
sedimentary N2O fluxes associated with the activity of C. plumosus, resulting from incomplete microbial
denitrification in the larval gut. It was suggested that these N2O emissions were mainly constrained
by the temperature and NO3

− concentrations [47]. A recent study by Sun et al. [48] revealed that with
the presence of nutritional food such as planktonic cyanobacteria, N2O production in the larval gut
can significantly decrease. Cyanobacterial blooms, a common phenomenon in the Curonian Lagoon,
may explain why we observed low N2O production in our study. Alternatively, a large portion of N2O
possibly produced by the larvae [46,47] was likely consumed by sediment-denitrifying bacteria before
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reaching the overlying water. However, to confirm these hypotheses, additional measures of N2O and
analyses of functional genes encoding N2O reduction to N2 (i.e., nosZ) are needed.

As indicated by metabarcoding, the diversity of the bacterial community (numbers of OTUs) was
slightly higher in sediment samples (both anoxic and burrow walls) compared to chironomid larvae.
The latter had a peculiar composition and was dominated by bacterial groups (Firmicutes/Clostridiales)
typical for animals’ intestinal microbiota. These bacterial taxa during their fermentative growth,
using reduced nicotinamide adenine dinucleotide (NADH) and NO2

− or NO3
− as substrates [49], can

contribute to the production of NH4
+ [50]. However, some overlap was present in the composition of

the microbial community associated with chironomid larvae and that of the surrounding sediments,
which primarily comprised Proteobacteria. This abundant and diverse group includes microbial taxa
capable of multiple N transformations, including anammox denitrification, DNRA and N-fixation [51].

Burrow ventilation, including the pumping of NO3
− through the burrow, is considered one of

the main mechanisms by which denitrification is stimulated in sediments reworked by chironomid
larvae [14,21,52,53]. However, the degree of stimulation depends on NO3

− concentration in the
overlaying water [14]. In the Curonian Lagoon, NO3

− concentration varies seasonally, and therefore
the effect of chironomid larvae can differ among the seasons. The current study was carried out in
summertime, when NO3

− concentrations were generally low (1.4 μmol L−1 on average). In a previous
similar incubation experiment performed by Benelli et al. [12], N2 production was 2.6-fold higher than
reported here, likely due to higher dissolved NO3

− concentrations in spring (109 μmol L−1).
Simple calculations, assuming that two moles of NO3

− are required to produce one mole of N2,
suggest that the increased uptake of NO3

− in bioturbated sediment could only explain 41% of the
measured N2 production. This indicates the potential relevance of coupled nitrification–denitrification
in sediments bioturbated by chironomid larvae. By constructing burrows and pumping O2 through
them, chironomid larvae create new niches for nitrifiers within the sediments [6,10,15]. Since bacteria
require O2 for NH4

+ oxidation, respiration (O2 uptake) is expected to increase alongside nitrification.
In the present study, chironomid larvae stimulated respiration by 3.8-fold in comparison to the
controls—a stronger effect than that reported earlier by Benelli et al. [12] and by Svensson and
Leonardsson [14]. Our extrapolations showed that approximately 28% of the total O2 consumption was
taken up directly by chironomid larvae and 24% by the sediment surface, which leaves approximately
48% of the O2 consumption related to newly oxidized burrow structures (for example, see the substantial
volume of oxidized sediment around larvae borrows in Figure 6). Our estimated 28% of oxygen
consumption by larvae is consistent with that reported by Svensson and Leonardsson [14].

  

Figure 6. The bioturbation effects of chironomid larvae, evident in sharp contrast between the
light-brown oxidized surface and burrow sediment, and black chemically reduced subsurface sediment
(photo by A. Mačiūtė).

However, the degree of stimulation of nitrifiers might be species-specific, as chironomid larvae
vary in size, bioturbation mode or grazing pressure on bacteria. Small chironomid species such
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as Chironomus riparius construct burrows in the upper 1 cm layer where they directly (grazing) or
indirectly (burrow ventilation) affect nitrification processes [15]. Larger species, such as C. plumosus or
Chironomus sp., can construct burrows down to 10 cm, significantly extending the niche for nitrifiers
and consequently enhancing N-cycling rates [21,54]. Therefore, our findings cannot be generalized for
all chironomid species or other macrobenthic invertebrates.

Despite denitrification increasing with the presence of chironomid larvae, its efficiency, expressed
as the ratio between the N2 flux and the sum of N2 + DIN fluxes, decreased by 20% in bioturbated
sediments (from 84% to 65%). The increased NH4

+ efflux in bioturbated sediments can explain this
pattern. Deep-burrowing chironomids are able to increase the upward flux of NH4

+ from deeper layers
(where its pool is considerably higher due to the limited oxidation through nitrification) [12,21,55].
The assumed main source of NH4

+ in deep sediment pore water is the mineralization of organic matter,
as the excretion of NH4

+ by chironomid larvae rarely exceeds 20% of the immobilized ammonium
pool [11,14].

It has never been questioned whether NH4
+ excretion by chironomid larvae is solely a physiological

process or if it could also be attributed to larvae–bacteria associations (e.g., gut microbiomes).
Poulsen et al. [29] showed that the C. plumosus gut can host NO3

− reducing microbes, but their targeted
functional gene (nar) did not allow them to distinguish between nitrite denitrifiers or ammonifiers.
Here, we show that the larvae-associated microbial community exhibited transcriptional activity of the
nrfA gene, which encodes DNRA. This process is strictly anaerobic and may thus potentially occur in
the anoxic larvae gut [28]. Therefore, active NO3

−-respiring intestinal bacteria of infauna can act as an
alternative source of NH4

+ in soft-bottom environment.
This was also supported by our functional gene quantification that showed a higher potential for

denitrification and DNRA in chironomid larvae rather than in the surrounding sediments. Although
nirS and nrfA genes, encoding NO2

− reduction to NO and to NH4
+, respectively, were abundant in

anoxic sediment and on the burrow walls, their expression was comparatively low. This indicates that
chironomid larvae can provide favourable conditions for bacteria harbouring these genes, facilitating
their activity. The expression of nirS and nrfA genes can be affected by a number of environmental
variables, including O2, temperature, and organic matter availability [56]. This notwithstanding,
there is numerous evidence that ingested bacteria can remain active in the larvae gut and carry out
NO3

− reduction [29,46]. In addition, an anoxic gut environment might stimulate NO3
− reduction by

facultative aerobic bacteria [28,29]. A higher nirS gene copy number points at denitrification as the
dominating pathway of NO3

− reduction. The differences in the expression of nirS or nrfA genes can
be explained by different bacterial affinity to labile carbon, NO3

− and sulphide concentration, and
temperature [57,58].

The quantification of amoA, which encodes the ammonia monooxygenase for the oxidation of NH4
+

to NO2
−, revealed that its abundance and activity was primarily associated with ammonium oxidizing

bacteria (AOB) in burrows and chironomid larvae. This is likely due to the simultaneous availability
of O2 and NH4

+, which is favourable for AOB. Surprisingly, relatively high copy numbers of amoA
were associated with the larval body. Since nitrification is an aerobic process and is unexpected in the
anoxic environment of larvae gut and intestine, the active nitrifying bacteria might have been located
on the external biofilm of the chironomid body, thus having direct access to NH4

+ and O2-enriched
pore water, within the larvae-ventilated burrow.

5. Conclusions

The present study confirms that tube-dwelling invertebrates such as C. plumosus may have
a considerable influence on N-cycling in estuarine sediments. Combining biogeochemical (flux
measurements) and molecular (metabarcoding, functional gene analysis) approaches allowed the precise
identification of N transformation hot-spots (burrow lining, macrofauna gut) and the quantification
of their contribution to in-sediment N-cycling processes. Chironomid larvae stimulated nitrification,
denitrification and NH4

+ production, while increased N recycling reduced denitrification efficiency.
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Chironomid larvae produced visible, direct effects on the volume of oxidized sediments, creating
new suboxic niches via burrowing and ventilation. They harboured a unique and active array of
bacteria compared to those found in the surrounding environment. Interestingly, active functional
genes involved in contrasting processes such as nitrification and NO3

− reduction were detected both in
sediments and the larvae microbiome, suggesting the co-occurrence of adjacent oxic and anoxic niches
also within the larvae. Our study suggests that overlooked invertebrate–bacteria associations could be
a significant component of N-cycling in benthic environments. Future studies should further scrutinize
microbially mediated N processes in isolated macrofauna to partition nitrification and denitrification
processes associated with intimate animal–bacteria interactions.

Author Contributions: Conceptualization, M.Z.; methodology, A.S., M.B., I.V.-L.; formal analysis, A.Z.;
investigation, A.S., M.B., S.B., I.V.-L., J.P.; visualization, A.Z.; funding acquisition, M.Z.; data curation, T.P.;
writing—original draft preparation, A.S., M.Z.; writing—review and editing, M.B., S.B., U.C., U.M., J.P., T.P., A.Z.

Funding: This research is supported by the “Invertebrate–Bacterial Associations as Hotpots of Benthic Nitrogen
Cycling in Estuarine Ecosystems (INBALANCE)” project, which is funded by the European Social Fund according
to the activity “Improvement of researchers qualification by implementing world-class R&D projects of Measure”,
grant No. 09.3.3-LMT-K-712-01-0069. T.B. was supported by the Doctorate Study Programme in Ecology and
Environmental Sciences, Klaipėda University.
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Bivalves are ubiquitous filter-feeders able to alter ecosystems functions. Their impact on

nitrogen (N) cycling is commonly related to their filter-feeding activity, biodeposition, and

excretion. A so far understudied impact is linked to the metabolism of the associated

microbiome that together with the host constitute the mussel’s holobiont. Here we

investigated how colonies of the invasive zebra mussel (Dreissena polymorpha) alter

benthic N cycling in the shallow water sediment of the largest European lagoon (the

Curonian Lagoon). A set of incubations was conducted to quantify the holobiont’s

impact and to quantitatively compare it with the indirect influence of the mussel

on sedimentary N transformations. Zebra mussels primarily enhanced the recycling

of N to the water column by releasing mineralized algal biomass in the form of

ammonium and by stimulating dissimilatory nitrate reduction to ammonium (DNRA).

Notably, however, not only denitrification and DNRA, but also dinitrogen (N2) fixation

was measured in association with the holobiont. The diazotrophic community of the

holobiont diverged substantially from that of the water column, suggesting a unique

niche for N2 fixation associated with the mussels. At the densities reported in the lagoon,

mussel-associated N2 fixation may account for a substantial (and so far, overlooked)

source of bioavailable N. Our findings contribute to improve our understanding on the

ecosystem-level impact of zebra mussel, and potentially, of its ability to adapt to and

colonize oligotrophic environments.

Keywords: Dreissena polymorpha, nitrogen, denitrification, DNRA, nitrogen fixation, nifH, Curonian Lagoon

INTRODUCTION

Microbial symbionts may drive speciation and evolution (Shropshire and Bordenstein, 2016),
but their relevance in organismal ecology has only recently gained widespread recognition
(Dittami et al., 2020). Huge progress has been made in this research field thanks to rapidly
advancingmolecular tools (Petersen andOsvatic, 2018). However, molecular methods alone cannot
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overcome the major challenge of understanding how
host-microbe associations, otherwise known as holobionts
(Bordenstein and Theis, 2015), contribute to the functioning
of the ecosystems they inhabit (see nested ecosystem concept –
Pita et al., 2018). Interdisciplinary approaches combining
molecular and geochemical investigations are thus urgently
needed to investigate the role of complex and diverse host-
microbe associations in natura (Petersen and Osvatic, 2018;
Beinart, 2019). Historically, most ecological research into
biological invasions has focused on detrimental species
interactions such as predation and competition. However,
microbial associates may play an important role by facilitating
niche adaptations and allowing their host to occupy otherwise
inaccessible habitats (Shapira, 2016). Recent research shows
that associations between bivalves and bacteria are paramount
in regulating benthic biogeochemical processes (Smyth et al.,
2013; Benelli et al., 2017; Bonaglia et al., 2017; Cardini et al.,
2019), with microbes contributing to the metabolic potential
and impact of the holobiont, in particular concerning carbon
(C) and nitrogen (N) cycling (Petersen et al., 2016; Arfken
et al., 2017; Konig et al., 2017). Still, little is known on
microbiomes of invasive bivalve holobionts and their role in
phenotypic plasticity and colonization potential of the invader,
and ultimately its ecosystem-level impact (e.g., alteration of
biogeochemical processes).

Zebra mussels (Dreissena polymorpha, Pallas 1771) are filter-
feeding bivalves native to the Ponto-Caspian region, which
successfully invaded several regions in Europe and North
America, where they significantly altered community structure
and ecosystem functioning (Strayer et al., 1999). Their rapid
colonization rates together with proficient filter-feeding activity
have been linked with the decline in chlorophyll-a, and increase
in water transparency and total phosphorous (P) (Caraco et al.,
1997), which may result in an overall shift of the trophic
state of the colonized freshwater ecosystems (Kumar et al.,
2016). The impact of zebra mussel on N cycling is manifold
and includes enhanced release of ammonium (NH4

+) from
digested algal biomass (Lavrentyev et al., 2000), stimulation of
benthic nitrification (Bruesewitz et al., 2008) and denitrification
(Bruesewitz et al., 2006), and release of P to the water column
(Benelli et al., 2019) potentially stimulating pelagic dinitrogen
(N2) fixation. The nature and extent of such impacts may
however be seasonal (Bruesewitz et al., 2006) and depend upon
intrinsic features of the water body such as morphometry
(Higgins and Zanden, 2010) and sediment organic matter
content. An additional level of complexity in unraveling the
overall impact of zebra mussel on N cycling is the distinction
between its ability to alter key microbial transformation
indirectly (via stimulating the activity of pelagic and benthic
communities) and directly, via the hosted microbiome (e.g.,
Svenningsen et al., 2012). Although the indirect impact has been
extensively documented, the role of its microbiome remains
largely unexplored both in terms of metabolic repertoire and
magnitude of the N transformations. Unraveling the diverse
impacts of zebra mussel on nutrient cycling is pivotal to achieve
a comprehensive understanding of its invasiveness and role as
ecosystem engineer.

In this study, a combination of biogeochemical and molecular
approaches was employed to investigate the impact of zebra
mussel on N cycling in the sediment of the largest European
lagoon (Curonian Lagoon, SE Baltic Sea). Both a “benthic
community” (i.e., intact sediment + zebra mussel colony) and a
“holobiont” (i.e., zebramussel alone) incubations were conducted
to quantitatively assess the effect of the zebra mussel holobiont on
N cycling and to discern it from its effect on sediment processes.

MATERIALS AND METHODS

Site Description and Samples Collection
Sediment and zebra mussel specimens were collected in June
2018 at a fine-sand site (median grain size 0.238 mm) from a
shallow area (1.2 m depth) of the oligohaline Curonian Lagoon
(55◦20′25.9′′N, 21◦11′24.4′′E). The Curonian Lagoon, is a micro-
tidal, low-energy system, characterized by a reduced vertical
mixing in particularly in the summer months when the discharge
from tributaries and wind intensity are at minimum (Ferrarin
et al., 2008; Mezine et al., 2019). At the time of sampling,
water temperature was 22.5◦C, salinity was 0.2, concentration of
dissolved organic and inorganic nitrogen (i.e., DON and DIN)
was 57.2 ± 0.7 (Mean ± SEM) and 1.8 ± 0.1 μM, respectively.
Height intact cores were collected by hand using Plexiglas liners
(i.d.: 8.4 cm, length: 30 cm). Four cores included sediments with
an overlying colony of zebra mussels and four cores included
bare sediments without mussels or other visible macrofauna.
Each liner contained approximately 10 cm of sediment overlaid
by 16 cm of water. Additional in situ water and zebra mussel
specimens were collected for single animal incubations and
molecular analyses (see details below). Within 1 h, the samples
were transported to the laboratory in cool box filled with
in situ water. At the laboratory, intact cores were submerged
overnight in a temperature-controlled tank (23 ± 0.2◦C, 200 L)
containing unfiltered, aerated in situ water. Homogeneous water
conditions were kept in each core via magnetic stirring bar
(40 rpm). The following day, intact sediment cores with and
without mussel colonies were incubated to assess the impact
of zebra mussels on (i) sediment nutrients and oxygen fluxes,
and subsequently on (ii) nitrate (NO3

−) reduction processes
(benthic community). A second set of incubations was conducted
to assess the diversity and relevance of N transformations
associated with zebra mussel specimens and their microbiome
(holobiont incubations).

Benthic Community Incubations
After a preincubation of 15 h, the water in the tank was partly
renewed. Thereafter, the top of each core was sealed with a
Plexiglas lid without leaving a head-space and net fluxes of O2,
DIN (i.e., NH4

+, NO3
−, NO2

−), DON, and phosphate (PO4
3−)

between the benthic compartment and the water were measured
in dark, while keeping the water stirring on, as described in
Samuiloviene et al. (2019). Incubations lasted for less than 4 h
to limit the change in water column O2 concentration to ≤20%
as this is a prerequisite to maintain a linear rate of change
in nutrients concentration over time (Dalsgaard et al., 2000).

Frontiers in Microbiology | www.frontiersin.org 2 January 2021 | Volume 11 | Article 610269



Publications

Marzocchi et al. N Cycling by Zebra Mussels

Oxygen concentration was monitored throughout the incubation
with an optical O2 meter (FireStingO2, PyroScience GmbH). At
the start and at the end of each incubation, 30 mL of water were
collected from each core, filtered (Frisenette GF/F filters) and
stored into 12 mL Polyethylene vials for later determination of
DIN. An additional 40 mL aliquot was filtered into a 20 mL glass
vials for DON and PO4

3− determination. Water samples were
stored frozen (−20◦C) until analyses.

Following the flux measurements, microcosms were left
submerged with the top open overnight before starting the
NO3

− reduction [i.e., denitrification and dissimilatory nitrate
reduction to ammonium (DNRA)] measurements via 15NO3

−
tracer as described by Dalsgaard et al. (2000). Briefly, 15NO3

−
was added to the water of each core from a stock solution
(20 mM, 99 atom % Na15NO3; Sigma-Aldrich) to a final 15N
enrichment of approximately 60% (14+15NO3

− concentration
6.9 μM). The cores were then closed and incubated for
1.5–3 h in the dark. At the end of the incubation, the
mussels were removed, and the water and the sediment were
gently mixed to a slurry. Thereafter, 20 mL aliquots of the
slurry were transferred into 12 mL exetainers (Labco Ltd.)
and 200 μL of 7 M ZnCl2 were added to stop microbial
activity. An additional 40 mL subsample was collected for
15NH4

+ determination. Rates of total denitrification (Dtot)
and its components i.e., denitrification of NO3

− from the
water (Dw) and denitrification coupled to nitrification (Dn),
were calculated from the fluxes of 29N2 and 30N2 according
to Nielsen (1992). Overestimation of denitrification due to
anaerobic ammonium oxidation (anammox) (Risgaard-Petersen
et al., 2003) was assumed negligible, since anammox has been
previously reported to be marginal in the lagoon sediment
(Zilius, 2011). Rates of DNRA were calculated from the 15NH4

+
production, Dtot, and denitrification of 15NO3

− as in Risgaard-
Petersen and Rysgaard (1995). At the end of the incubation,
sediment from all cores was carefully sieved (0.5 mm mesh-size)
to assess the mussel density and to determine their shell-free
dry weight (SFDW) after drying the soft tissue at 60◦C to a
constant weight.

Inorganic nutrient (i.e., NOx
−, NO2

−, NH4
+, PO4

3−)
concentrations were measured with a 5-channel continuous flow
analyzer (San++, Skalar) using standard colorimetric methods
(Grasshoff et al., 1983). Nitrate concentration was calculated
as the difference between NOx

− and NO2
−. Total dissolved

nitrogen (TDN) was analyzed by the high temperature (680◦C)
combustion, catalytic oxidation/NDIR method using a Shimadzu
TOC 5000 analyzer with a TN module. Dissolved organic
nitrogen (DON) was calculated as difference between TDN
and DIN. Samples for 29N2 and 30N2 were analyzed by gas
chromatography-isotopic ratio mass spectrometry (GC-IRMS,
Thermo Delta V Plus). Samples for 15NH4

+ were analyzed by the
same technique (GC-IRMS) after conversion of NH4

+ to N2 by
the addition of alkaline hypobromite (Warembourg, 1993).

Zebra Mussel Holobiont Incubations
To determine rates of N transformation (i.e., denitrification,
DNRA, anammox, and N2-fixation), associated with the
zebra mussel holobiont, a series of 15N isotope incubations

were carried out with individual specimens in the absence
of sediment. Prior to the incubation, the biofilm on the
mussels’ shell was carefully removed using a toothbrush
and mussels were then rinsed in 0.2 μm double-filtered
water. Incubations were performed in bottom-capped Plexiglas
cylindrical microcosms (total volume 227 ± 3 mL). The
microcosmswere filled with 0.2μmdouble-filtered aerated in situ
water amended with 15N tracers (see the details below). A stirring
magnet allowed for continuous water mixing (40 rpm) during
the incubation. Microcosms were capped with gas-tight lids
provided with two sampling ports for sample collection and
water replacement.

Nitrate Reduction
Rates of denitrification, DNRA and anammox were estimated
following the revised isotope-pairing technique (r-IPT)
(Thamdrup and Dalsgaard, 2002; Risgaard-Petersen et al.,
2003). Three treatments were prepared: (1) low 15NO3

− addition
(final concentration 6.2 μM), (2) high 15NO3

− addition (final
concentration 19.1 μM) and (3) 15NH4

+ + 14NO3
− (final

concentration 6.3 + 5.3 μM, respectively). Treatments 1 and
2 were used to measure rates of denitrification and DNRA.
The different tracer concentrations in treatments 1 and 2
allowed to validate the main assumption of IPT, (i.e., tracer
concentration-independency of rates). Treatment 3 allowed to
measure anammox. Each treatment included five microcosms:
four containing one mussel and one control with filtered
water only. To calculate the degree of isotopic enrichment,
water samples for NH4

+ and NO3
− analysis were collected

prior and after to the isotope addition. Microcosms were
incubated in the dark for 8 h at 23 ± 0.3◦C. Every 3 h aliquots
were subsampled from each replicate/control, transferred into
12 mL exetainers (Labco, United Kingdom) and poisoned
with 200 μL of 7 M ZnCl2 for later N2 and NH4

+ isotopic
determination as described above. Significance of the increase
in 15N species (i.e., 29N2, 30N2, and 15NH4

+) over time was
tested via regression analysis using the whole datasets (including
all data points) for denitrification (p < 0.05) and DNRA
(p < 0.10), respectively. Production rates were calculated from
single incubations (time series) and normalized per grams
of biomass (SFDW).

N2 Fixation
To determine rates of N2 fixation, a stock solution of 30N2-
enriched filtered water was prepared using a modified version
of the protocol described in Klawonn et al. (2015) (see
Supplementary Material). Before starting the incubation, the
stock solution was gently transferred into four microcosms to
minimize gas exchange with the atmosphere. After the mussels
were added, the top lids were closed and incubated in the dark for
12 h. Four additional microcosms were prepared and incubated
as above but with unlabeled water to serve as a control for isotopic
contamination. At the end of the incubation, the mussels were
collected and dissected for SFDW determination. Mussel tissues
were then stored at −20◦C for later 15N incorporation analysis.
In addition, ten non-incubated specimens were dissected and
store as above for later determination of the natural 15N/14N
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ratios. Prior to the isotopic analysis, mussels’ tissues were freeze-
dried for 48 h, ground to fine powder and weighed into tin
capsules. Samples were analyzed for N elemental composition
(%) and isotope ratios (δ15N) by continuous flow isotope
ratio mass spectrometry (IRMS, Isoprime, GV Instruments
Ltd.) coupled with elemental analyzer (Costech Instruments).
15N2 incorporation rates were calculated as in Montoya et al.
(1996). 15N2 incorporation was considered significant for those
samples that showed an atom % excess that was higher than
two times the standard deviation of the atom % of the
unlabeled samples.

Molecular Analyses of the Prokaryotic

Communities
Nucleic Acids Extraction and Sequencing
Analysis of 16S rRNA gene and of the nifH gene expression
were conducted to characterize the N2-fixing community in the
mussel’s microbiome and its possible relationship with the N2-
fixing community in the water via filter-feeding activity. Nucleic
acids were extracted from the soft tissue of zebra mussels (from in
the holobiont incubation) and from the suspended material from
in situ water sample. Suspended material was size-fractioned in
two size groups, i.e., >10 μm, and 0.22–10 μm (from here on
referred to as large and small fraction, respectively) by step-wise
filtration of the water as described in Zilius et al. (2020). All
samples were collected and analyzed in triplicates. Samples was
snap-frozen in liquid nitrogen and stored at −80◦C until DNA
and RNA extraction. DNA was extracted using the QIAamp Fast
DNA Stool Mini Kit (QIAGEN) with increased lysis temperature
to 90◦C to improve the bacterial cell rupture. RNA was extracted
using the RNAeasy Mini Kit (QIAGEN) as in Zilius et al. (2020)
and treated with TURBO DNase (Invitrogen). Complementary
DNA (cDNA) was synthesized using SuperScriptIII Reverse
Transcriptase (Invitrogen), RNaseOUT Ribonuclease Inhibitor
(Invitrogen) and random primers. Two negative controls
without either reverse transcriptase or RNA were included to
assess the potential contamination with residual DNA. Partial
16S rRNA gene sequences were amplified using primer pair
Probio_Uni (5′-CCTACGGGRSGCAGCAG-3′) and Probio_Rev
(5′-ATTACCGCGGCTGCT-3′), targeting the V3 region of
the 16S rRNA gene sequence as described by Milani et al.
(2013). High-throughput sequencing was performed at the DNA
sequencing facility of GenProbio srl1 on an IlluminaTM MiSeq
with the length of 250 × 2 bp, according to the protocol
reported in Milani et al. (2013).

The cDNA-based amplification of nifH gene was performed
using a nested PCR approach (Zehr and Turner, 2001) with
nifH3 and nifH4 primers in the first PCR round followed by
second amplification round with nifH1 and nifH2 primers with
Illumina indices. Nested PCR conditions were set as in Zilius
et al. (2020). Only single bands of appropriate size (359 bp)
were detected after the second round of amplification. PCR
products were purified from the gel (Thermo Scientific GeneJET
Gel Extraction Kit), quantified (Qubit 3.0 Fluorometer) and the
sequencing library was constructed following the two-step tailed

1www.genprobio.com

PCR amplicon procedure, as described in Kozich et al. (2013).
Paired-end sequences (2× 250 bp) were generated on an Illumina
MiSeq

R©
instrument using the TruSeq

R©
SBS kit. Sequence data

were automatically demultiplexed using MiSeq Reporter (v2),
and forward and reverse reads were assigned to samples.
Raw sequence data for the 16S rRNA and nifH dataset were
bioinformatically processed as described in Zilius et al. (2020).
Briefly, primers from the raw sequence reads (with Illumina
adapters removed by sequencing facility) were trimmed using
cutadapt v2.10 (Martin, 2011), with no primer mismatch allowed.
The bioinformatics pipeline was run using DADA2 package
implemented in R (Callahan et al., 2016). Quality filtering and
denoising of the trimmed fastq files were performed using the
following parameters: “truncLen = c(150,150), maxEE = c(2,6),
truncQ = 2, ndmaxN = 0.” Singletons were discarded, and
the remaining paired-end reads were merged with a minimum
overlap of 65 bp and 1 mismatch allowed in the overlap region.
Chimera removal was performed using the default (consensus)
method and the resulting de-noised amplicon sequence variants
(ASV) were used for taxonomic classification against the SILVA
132 database for 16S rRNA (Quast et al., 2013) and nifH Sequence
Database (Gaby and Buckley, 2014). Sequences are available in
the NCBI/SRA database under accession number PRJNA658818.

Statistical Analyses on the Sequencing Data
The de-noised ASV tables and assigned taxonomy of nifH and
16S datasets were imported in RStudio (R Core Team, 2018),
combined into two phyloseq objects and processed for data
analysis (McMurdie and Holmes, 2013). Rarefaction curves were
plotted for both 16S and nifH datasets using ggrare function
in R (package ranacapa; Kandlikar et al., 2018). ASV tables
for 16S and nifH were rarefied to the lowest number of reads
(9,395 and 51,180 for the 16S and nifH dataset, respectively) (R
package phyloseq). For 16S, alpha diversity indices (ASV richness,
Shannon index, Simpson index and Pielou’s evenness) were
calculated using the R package vegan (Oksanen et al., 2019) and
number of shared ASVs visualized with Venn diagram (package
venn; Dusa, 2020). For nifH, only ASV richness was calculated.
A Kruskal–Wallis test was used to assess differences in 16S and
nifH ASV richness between water and zebra mussel samples (R
package phyloseq). Differences in community composition were
assessed using the Analysis of Similarity (ANOSIM) based on
a Bray–Curtis similarity matrix implemented in vegan. PCoA
was performed to explore and visualize similarities among the
different samples, basing on the same Bray–Curtis similarity
matrix, for both the 16S and nifH genes datasets. A heatmap
with hierarchical clustering was plotted to visualize differences
in the abundance of the top 70 16S rRNA gene ASVs (>0.01%
across the dataset) using the R packages Heatplus (Ploner,
2020), ggplot2 (Wickham, 2009), and vegan. Finally, to gain
further information on the identity of unknown Bacteria and
unknown Firmicutes identified in the nifH dataset for zebra
mussel samples, blastn (search in nucleotide databases using
a nucleotide query) and blastx (search in protein databases
using a translated nucleotide query) (Altschul et al., 1990)
analyses were performed against GenBank database (released
version 237, May 2020).
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RESULTS

Respiration and Nutrient Fluxes in

Benthic Community Incubations
Mussel total biomass varied between 0.6 and 1.0 g (SFDW )

per core, corresponding to an average areal biomass (±SD) of
134 ± 38 g (SFDW ) m−2 and a density of 30–64 mussels per
colony. Mean benthic O2 consumption was fivefold higher in the
presence of the mussels (S+ ZM) compared to the bare sediment
(S) (Figure 1A). Bare sediment was a net sink for all the measured
nutrients (Figure 1B). The presence of mussels reversed the
fluxes resulting in the net efflux of all the analyzed species. Net
NH4

+ flux accounted for the largest share of the whole DIN
efflux. For all measured parameters the difference between net
fluxes in S + ZM and S was significant (Mann–Whitney U test,
p < 0.05).

Rates of DNRAwere significantly higher (+72%) in cores with
mussels compared to the bare sediment (Mann–Whitney U test,
p< 0.03) (Figure 2). Dw tended to be higher in the presence of the
mussels compared to the bare sediment (Mann–Whitney U test,
p = 0.06). Dn showed an opposite trend with lower rates in the
presence of mussels, although the difference was not significant
(Mann–Whitney U test, p = 0.23). The Dn:Dw ratio was lower
with themussels compared to the bare sediment (Mann–Whitney
U test, p< 0.02). Overall denitrification (Dn +Dw) was unaltered
by the presence of the mussel (Mann–Whitney U test, p = 0.66).

N Cycling Associated With the Zebra

Mussel Holobiont
The average biomass of the incubated specimens was 37 ± 10
(SD) mg (SFDW ). Regression analysis showed a significant

increase in 15NH4
+ and 15N-N2 (i.e., 29N2, 30N2) in the DNRA

and denitrification incubations, respectively (Supplementary
Table 1). Biomass-normalized rates of DNRA spanned between
zero and 192 nmol N g (SFDW)

−1 h−1 (average ± SEM,
31.2 ± 19.3 nmol N g (SFDW)

−1 h−1) (Figure 3). Rates
of denitrification ranged between zero and 260 nmol N g
(SFDW )

−1 h−1 (average ± SEM, 58.4 ± 28.9 nmol N g
(SFDW)

−1 h−1). No anammox activity was detected within the
timespan of the incubation (results not shown). N2 fixation
was detected in all tested animals (Supplementary Table 2) at
rates ranging between 7.8 and 30 nmol N-N2 g (SFDW )

−1 h−1

(average± SEM, 21.9± 4.5 nmol N g (SFDW)
−1 h−1). On average,

under our experimental conditions, N2 fixation was equal to 37%
of the denitrification rate.

Water Column and Mussel-Associated

Microbial Communities
After denoising and eukaryote sequence removal, the complete
16S rDNA dataset comprised 447,071 good quality sequence
reads from the nine analyzed samples representing 2,705 bacterial
ASVs. Rarefaction curves (Supplementary Figure 1) evidenced
that the sequencing effort was sufficient to describe bacterial
diversity. The normalized ASV richness (after rarefying the
sequences at an even depth of 9,395) was significantly higher in
zebramussel compared to both size fractions of the water samples
(Kruskal–Wallis, p < 0.01) (Supplementary Figure 2). Shannon
and Simpson diversity and Pielou’s evenness indices showed
significantly higher values in the large compared to the small
fraction of water samples. Shannon diversity tended to be higher
in zebra mussel samples, although no significant difference with
water samples was observed (p < 0.05). Zebra mussel and water

FIGURE 1 | Net fluxes of oxygen (A) and nutrients (B) at the sediment-water interface during the incubation of intact sediment cores with colonies of zebra mussel

(S + ZM) and bare sediments (S). Data are shown as mean values ± standard error (n = 3–5).
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FIGURE 2 | Rates of DNRA and denitrification (showed as partitioned in its

two components Dw and Dn and their ratio) in incubations of intact sediment

cores with colonies of zebra mussel (S + ZM) and bare sediments (S). Data are

shown as mean values ± standard error (n = 4). Asterisks indicate significant

differences (p < 0.05, Mann–Whitney U test, n = 8).

FIGURE 3 | Rates of DNRA, total denitrification, and N2 fixation measured in

the holobiont incubations with specimens of zebra mussel. Data shown are

mean values ± standard error (n = 10 for DNRA and denitrification; n = 4 for

fixation).

samples (small and large fractions) shared 13.3% of the detected
ASVs (n = 359), while 1,074 ASVs (39.7%) were exclusively
associated with zebra mussels (Supplementary Figure 3).

The three types of samples showed distinct relative
abundances of major prokaryotic taxa (Figure 4A) (ANOSIM,
global R = 0.88; p < 0.01) and grouped separately when analyzed
by PCoA (Supplementary Figure 4A). Zebra mussels were
characterized by high abundances of Tenericutes (average,
25%), that were basically undetectable in water samples. Beta-
(average, 12.8%) and Gammaproteobacteria (average, 6.5%),
and Bacteroidetes (average, 22.5%) accounted for a considerable
fraction in zebra mussel samples, while a general lower
presence of Cyanobacteria (average, 4.3%) and Actinobacteria
(average, 3.8%) was observed in comparison to both types of
water samples. The Tenericutes phylum was almost entirely
represented by members of the genus Mycoplasma, with relative
abundances up to 40% of the overall community. In the large
fraction of the water samples, Cyanobacteria clearly dominated
the community (average, 67.8%), while in the small fraction,
a more even community structure was observed, represented
by Cyanobacteria (average, 24.7%), Bacteroidetes (average,
20.6%), and Actinobacteria (average, 16.9%), Alpha- (12.6%) and
Betaproteobacteria (7.8%).

The heatmap visualization of the most abundant (>0.1%)
ASVs, supported the taxonomic differentiation of the microbial
communities between two water fractions and zebra mussel
samples (Figure 4B). In particular, the zebra mussel microbial
community was characterized by a pool of taxa mainly
including Mycoplasma and Mycoplasmataceae (eight ASVs,
average, 3% of zebra mussel reads), Spirochaetaceae (three ASVs,
average 0.5%), Burkholderiaceae (two ASVs, average 0.6%),
Lacihabitans (1), Sphingomonadaceae (1), Dechloromonas (1),
Hydrogenophaga (1), Flavobacterium (1), and three unidentified
Proteobacteria. Water samples were characterized by the
presence of numerous Cyanobacteria and freshwater taxa (e.g.,
Limnohabitans, Polynucleobacter).

Water Column and Mussel-Associated

Active Diazotrophic Communities
The nifH dataset comprised a total of 2,045,435 good quality
reads (on average, 227,270 reads per sample, ranging from 51,180
in a zebra mussel sample to 389,159 in a large fraction water
sample), representing 360 nifH ASVs. Rarefaction curves for
nifH (Supplementary Figure 5) confirmed the adequate diversity
coverage at the attained sequencing depth. After rarefying at
51,180 sequence depth, a total of 344 ASVs were retained for
the downstream analyses. No statistically significant difference
in ASV richness was observed between the two water fractions
and zebra mussel samples (Kruskal–Wallis rank sum test,
p = 0.707) (Supplementary Figure 6). Diazotrophic communities
significantly differed among the three type of samples (Figure 5;
ANOSIM, global R = 0.543; p = 0.006) and grouped separately
when analyzed by PCoA (Supplementary Figure 4B). In zebra
mussel samples, the diazotrophic community was dominated
by a large fraction of unknown Bacteria (54.4%), followed
by Paenibacillus (33.2%) and a smaller fraction of unknown
Firmicutes (12.2%). Interestingly, none of these groups were
detected in water samples, which were almost completely
dominated by Nostocales (83.4%) and Zoogloea (16.6%). More
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FIGURE 4 | (A) Bacterial community composition (based on the 16S rRNA gene) at the phylum and class (only for Proteobacteria) levels in zebra mussels and water

column particulate samples of large (>10 μm) and small (0.22–10 μm) size fractions. Phyla and classes with an average relative abundance <0.5% across all

samples were aggregated and reported as “Others.” “Unknown” includes all those reads not matching any known bacterial taxonomy. (B) Heatmap summarizing the

relative abundances of the top 71 ASVs in the analyzed samples.

FIGURE 5 | Diazotrophic community composition based on nifH transcripts diversity in zebra mussel and water column particulate samples of large (>10 μm) and

small (0.22–10 μm) size fractions. Data are shown as average of three replicates.

specifically, the small fraction of the water samples was
dominated by Anabaena (66.2%) and Zoogloea (33.1%), while the
large fraction of water samples by Anabaena (98.4%).

After blastn analyses, all ASV sequences identified as unknown
Firmicutes matched with nifH sequences belonging to Clostridia,
although weakly (<79% of similarity, 99% query coverage).

Protein sequence similarity search analyses based on translated
proteins (i.e., blastx) also indicated, that such ASVs were loosely
related to Clostridia (90–92% of similarity, 99% query coverage).
Blastn analyses performed on ASV identified as unknown
Bacteria matched, although at low similarities (75–82%), mostly
with Azotobacter, Paenibacillus, and Clostridia. Results from
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blastx indicated that most of the ASVs identified as unknown
Bacteria were highly related to Clostridia and Paenibacillus (80.5–
93.5%). Some of the ASVs, showed similarities up to 91.5% with
queries belonging to the phylum Bacteroidetes.

DISCUSSION

Impact of Zebra Mussel on Benthic N

Cycling
Although it is well documented that benthic macroinvertebrates
alter vital sediment processes such as N turnover through
irrigation and bioturbation (e.g., Stief, 2013), animal-bacterial
associations and their role on biogeochemical cycling remain
largely unresolved. Here, we quantitatively assessed how a model
invasive bivalve (the zebra mussel) alters benthic N cycling both
directly (e.g., via excretion of DIN and DON) and indirectly
via stimulating microbial activity both at the sediment level
and through its microbiome. Figure 6 summarizes rates of
N fluxes measured in the benthic community incubations,
and the biomass-specific rates measured in the holobiont
incubations after extrapolation using the densities from the
benthic community experiment. As evidenced, the presence of
zebra mussels turned the benthic compartment from a sink
to a source of all measured nutrients. In particular, NH4

+
was the most prominent dissolved N species released into the
water. Enhanced benthic release of NH4

+ has been consistently
reported in the presence of zebra mussels (James et al., 1997;
Lavrentyev et al., 2000; Conroy et al., 2005; Ruginis et al.,
2014) and other filter feeders (Mazouni et al., 1996; Bartoli
et al., 2003; Nizzoli et al., 2006). The increase in NH4

+ efflux
can be sustained by three mechanisms: (i) mineralized algal
biomass from filter-feeding activity of the mussel, (ii) stimulation
of DNRA activity, and (iii) inhibition of nitrification due to

the colony physical presence and consequent limitation of
the O2 transport into the sediment (Zaiko et al., 2010). The
proximity of the NH4

+: DIP ratio (i.e., 18) to the Redfield ratio
calculated from the fluxes in the benthic-community incubations
suggests that NH4

+ most likely originates from mineralization
of algae biomass by zebra mussel. Accordingly, enhanced rates
of DNRA measured in the benthic-community incubations with
the mussels could only contribute 1.0% of the enhanced NH4

+
efflux. Net fluxes of NO3

− in the whole-community incubations
suggest a stimulation of nitrification by zebra mussel rather
than its inhibition. Assuming that the drop in Dn measured
in the presence of zebra mussel is caused by the suppression
of nitrification, the resulting release of NH4

+ would, however,
only contribute to 4% of the overall sediment efflux of NH4

+.
Our data therefore indicate that the most prominent impact of
zebra mussel on DIN dynamics is via the recycling of fixed N
through mineralization of pelagic algae and other particulate
organic matter either being egested as biodeposits or retained
within the mussels’ colony.

The net release of DON in the presence of the mussel
might be sustained by the mussels’ egestion/excretion or derive
from exudates by settled phytoplankton aggregates within the
colony. Recently, it has been shown that other dreissenids
excrete dissolved organic matter with relatively low C to N ratio
indicating high proportion of organic N compounds (DeVilbiss
and Guo, 2017). The biochemical mechanisms at the basis of
such DON release, the conditions that promote it, and its
environmental relevance remain, however, poorly understood
in filter-feeders.

Contrary to what previously reported from the upper
Mississippi River (Bruesewitz et al., 2006, 2008) and from
a freshwater Lithuanian lake (Ruginis et al., 2014), zebra
mussels did not increase overall benthic denitrification in
our incubations. Rather, the presence of the mussels altered

FIGURE 6 | Diagram of N cycling in bare sediments and sediment with zebra mussel colonies. Fluxes (μmol m−2 h−1) were obtained from benthic-community

incubations. Contributions from Zebra mussels’ microbiome (displayed within brackets) were obtained from biomass-specific fluxes measured in the holobionts

incubation and scaled to the biomass present in the benthic-community incubations. See details on the calculation in Supplementary Material section

“Calculations for the Build-Up of the N Diagram Showed in Figure 6.” Drawing by V. Gasiūnaitė.

Frontiers in Microbiology | www.frontiersin.org 8 January 2021 | Volume 11 | Article 610269



Publications

Marzocchi et al. N Cycling by Zebra Mussels

the balance between Dw and Dn favoring the former over
the latter. Denitrification was previously reported from zebra
mussels holobiont incubations, possibly occurring in the gut
(Svenningsen et al., 2012). However, our holobiont incubations
showed that such contribution accounted only for 15% of
the denitrification rates measured in the benthic-community
incubations (Figure 6), suggesting that the impact of zebra
mussel on denitrification was mainly indirect (related to the
altered sediment microbial activity), rather than via stimulation
of NO3

− reduction in anoxic sections of the animal body.
On the contrary, DNRA activity in the holobiont incubation

accounted for a major fraction (i.e., 74% = 4.2 μmol m−2 h−1,
Figure 6) of the increment in DNRA measured in the benthic-
community incubation in the presence of the mussels (i.e.,
+5.7 μmol m−2 h−1, Figures 2, 6), indicating a dominant
effect of the mussels’ microbiome in stimulating DNRA. DNRA
bacteria have a competitive advantage over denitrifiers when
the organic carbon to NO3

− ratio is high (Tiedje, 1988). Such
conditions are plausibly met in the anoxic section of the mussels’
gut. Accordingly, DNRA to denitrification ratio was higher
in holobiont incubations (i.e., 0.58) compared to the benthic-
community incubation (i.e., 0.16–0.26), suggesting a relatively
more favorable niche for DNRA activity in the animal’s gut
compared to the surrounding sedimentary environment.

Increase in NO3
− efflux and Dw and simultaneous decrease in

Dn are compatible with the thinning of the sediment oxic layer
as due to the accumulation of labile phytodetritus (Marzocchi
et al., 2018). Similarly, the biodeposition of labile organic
carbon by zebra mussel (in the form of feces and pseudo-
feces) has been shown to enhance benthic respiration causing
the thinning of the sediment oxic layer (Bruesewitz et al.,
2008). Such a decrease of the O2 penetration depth shortens the
diffusional path for water-NO3

− to reach the denitrification zone,
hence, enhancing Dw. At the same time, the contraction of the
oxic portion of the sediment diminishes the sediment volume
suitable for nitrification, favoring the diffusion of sediment
NH4

+ to the water and thus partially decoupling nitrification
and denitrification. Moreover, nitrification activity occurring at
shallower depths is expected to favor the diffusion of NO3

− to
the water, further contributing to the decrease in Dn. Assuming
that the drop in Dn is caused by a preferential release of NO3

−
to the water, the so generated NO3

− would account for 33%
of the measured net NOx

− effluxes in the benthic-community
incubation. The accumulation of biodeposits by zebra mussel was
visually observed during our incubations, providing a plausible,
additional, mechanism by which zebra mussel impacts benthic N
dynamics via altering the architecture of the habitat.

N2 Fixation by Zebra Mussel Holobionts
This study is the first, to our knowledge, to report N2 fixation
associated with zebra mussel holobionts. Our incubations
show that if unaccounted, this process can lead to 6 and
∼60% overestimation of the benthic community and holobiont-
associated net N2 fluxes, respectively. At the lagoon level, N2
fixation has been traditionally attributed to pelagic cyanobacterial
activity (Lesutienė et al., 2014; Bartoli et al., 2018; Zilius et al.,
2020) and reported to occur seasonally (spring and winter) in

undisturbed sediments (Zilius et al., 2018). Dinitrogen fixation
associated with the zebra mussel (and more in general in
mussel-colonized sediment) has not been accounted so far
in estimations of the lagoon’s N mass balance (Zilius et al.,
2018). The zebra mussel is a dominant benthic organism in
the Curonian Lagoon sediment where it has been reported at
densities ranging between 40 and 57,000 individuals per square
meter (median 12,600) (Daunys et al., 2006). Scaled-up to these
abundances, N2 fixation rates derived from our incubations can
account for 0.01 to 19.9 μmol of fixed N m−2 h−1 (median
4.4 μmol N m−2 h−1), respectively. In summer, cyanobacterial-
driven N2 fixation has been reported at rates between 0.9 and
209.4 μmol m−2 h−1 (median 33.7 μmol−2 h−1; Zilius et al.,
2018). Thus, zebra mussel holobionts could possibly contribute
a substantial (and so far disregarded) input of N to the lagoon,
offsetting the attenuation of the N load via denitrification,
and therefore mitigating summer N limitation of the lagoonal
system (Vybernaite-Lubiene et al., 2018). Considering maximum
densities of 100,000 individuals per square meters reported from
zebra mussel-colonized riverine sediments (Svenningsen et al.,
2012), its impact could potentially alter N pathways at a scale
significantly exceeding that assumed from our experiments and
calculations. Further studies are needed to assess the overall
relevance of N2 fixation driven by zebra mussels holobionts,
its variation under diverse environmental conditions and its
seasonal patterns.

The analysis of the microbiome associated with zebra
mussels showed that comparatively few ASVs were shared
with the waterborne microbial community. The detected high
diversity of mussel-associated assemblages (with many taxa
not observed in water samples) is consistent with previous
findings of specific and diverse bacterial communities associated
with bivalves (Lokmer et al., 2016; Cleary and Polonia,
2018; Vezzulli et al., 2018; Mathai et al., 2020). Tenericutes,
and more specifically Mycoplasma, abundant in the zebra
mussel samples, are typical constituents of the core bivalve
gut microbiome (Pierce, 2016; Aceves et al., 2018; Pierce
and Ward, 2018, 2019), including zebra mussels (Mathai
et al., 2020). These obligate cell-associated bacteria are
commonly found within a number of eukaryotic hosts and,
although previously considered as parasites or even a sign of
infection, are now assumed to be involved in mutually beneficial
interactions with the host (Fraune and Zimmer, 2008; Holm
and Heidelberg, 2016; van de Water et al., 2018). However,
no diazotrophic activity has been attributed to any taxa of
the Tenericutes phylum (Dos Santos et al., 2012; Albright
et al., 2019). On the other hand, the Flavobacterium genus,
commonly identified in or isolated from bivalves (Pujalte
et al., 1999; Aceves et al., 2018; Pierce and Ward, 2019), and
fairly abundant in zebra mussel samples from our incubations,
includes some species carrying nitrogenase genes. Several
studies confirmed the ability of Flavobacterium isolates to
perform N2 fixation, although this has been demonstrated
mainly in plants (Giri and Pati, 2004; Kampfer et al., 2015).
A number of other potential diazotrophs were detected in
zebra mussel samples in our study. Along with Tenericutes,
Spirochetes are well-documented common members of bivalve
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gut microbiome (Margulis and Hinkle, 1992). This taxon
dominates the microbiome of other eukaryotic organisms in
different environments (Lilburn et al., 2001; van de Water et al.,
2016) and has been shown to exhibit diazotrophic activity.
Burkholderiaceae are among the most well-known N2-fixing
bacterial groups in plants (Sprent et al., 2017). Species of this
family occupy diverse ecological niches and can be found in
soil and water, and in association – even symbiosis – with
plants, animals, and fungi (Coenye, 2014). Species of the genus
Leptothrix, belonging to the Burkholderiaceae family, are
commonly found in lakes, lagoons, and swamps, and species of
this genus have been studied and isolated as root endophytes in
plants (López-López et al., 2010; Li et al., 2011). Finally, members
of both Hydrogenophaga (i.e., Hydrogenophaga pseudoflava) and
Dechloromonas have shown the ability to fix N2 (Willems et al.,
1989; Salinero et al., 2009), although this has been observed
so far only in plants, and to our knowledge no indications
of diazotrophic activity carried out by these taxa have been
reported in bivalves.

The diversity of active diazotrophs in zebra mussels, as
characterized by nifH gene transcription analysis, also differed
substantially from that of water samples. Unlike pelagic
diazotrophs, which were mainly represented by Cyanobacteria,
nifH transcript diversity of the mussels was dominated by
Paenibacillus and other taxa closely related to Clostridia and
Bacteroidetes. Such taxa have been previously described as
diazotrophs, although, a few evidences have suggested – so
far – their association with bivalves. Paenibacillus (phylum
Firmicutes) is a genus widely known to include N2-fixing species
in soil, and recent studies highlighted its frequent detection
and potential role in N2 fixation in aquatic environments (Yu
et al., 2018; Pang et al., 2019; Tang et al., 2019). However, to
our knowledge, this is the first study reporting its association
with benthic invertebrates. On the contrary, Clostridiales have
been described as the most frequently detected sequences in
the microbiome of Unionidae mussels (Weingarten et al., 2019),
which co-exist with zebra mussels in the Curonian Lagoon
(Benelli et al., 2019). Besides, Clostridiales are common in the
gut microbiome of vertebrates (Colston and Jackson, 2016). In
addition, several members of the Clostridiales are euryhaline,
may thus perform N2 fixation in the wide range of conditions as
those found in estuarine environments (Herbert, 1975). Finally,
many Bacteroidetes bacteria possess nitrogenase genes, and are
thus capable of N2 fixation (Inoue et al., 2015); however, to the
best of our knowledge, studies reporting associations between
bivalves and members of Bacteroidetes and/or describing the role
of this taxon in N2 fixation in aquatic invertebrates are missing.

CONCLUSION

Our results show that zebra mussels favor the recycling of
N via algal mineralization and by stimulating DNRA activity
both in the sediment and via its microbiome. In addition,
the mussels mediate a so far overlooked input of nitrogen
via N2 fixation. Diazotrophic activity is likely sustained by a
unique mussel-associated microbial community, which differs

substantially from the N2-fixing community in the water
column. Further investigations are needed to assess whether
the association of zebra mussels with diazotrophs is a transient
interaction or a stable symbiosis, as well as potential fluxes
of energy and matter between the microbiome and the
host. The capability to host diazotrophic bacteria might be
particularly advantageous for zebra mussels to facilitate their
establishment and spread in nutrient-poor environments and
might therefore represent an important factor in determining
their high invasiveness and adaptive capacity. It may also provide
an advantage in eutrophic estuaries such as the Curonian
Lagoon, which typically display pronounced seasonal variations
in inorganic N availability.
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Fig. 5 -

D. polymorpha .

–  
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Fig. 6 -

D. polymorpha

–

Oxic-Anoxic transition
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Table 1 -
–

–  

Oxic condition (R2 = 0.49)  Anoxic condition (R2 = 0.35) 

Marginal test   Marginal test 
- P - P

0,0001 0,0001 
0,0013 0,0001 
0,0026 0,0001 

Pisidium sp. Pisidium sp.
D. polymorpha D. polymorpha

0,0164 0,0068 
0,0102 0,0470 

- P - P

0,0001  0,0001 
0,0001 0,0108 
0,0002   
0,0294  
0,0417  
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Table 2 - -

–

–

OX-ANOX Transition condition  

- P
0,0001 
0,0001 
0,0001 

Pisidium sp. 
D. polymorpha 

0,0144 

- P

0,0001 
0,0001 
0,0122 
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L

 

Table S1

Stations Latitude Longitude WRT

8

L
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Table S2

– –

Station 
Porosity Md <63  OM 

  

8
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Table S3 

Taxaa Taxa 
1 2 3 4 5 6 7 8 9 10 11 12 13 14 15 16 17 18 19 

Oligochaeta 

Glossiphonia complanata 

Helobdella stagnalis 

Alboglossiphonia heteroclita 

Erpobdella nigricollis 

Hydracarina undet 

Pisidium casertanum 

Pisidium supinum 

Pisidium nitidum 

Sphaerium solidum 

Sphaerium rivicola 

Dreissena polymorpha 

Unio pictorium 

Ostracoda 

Obesogammarus crassus 

Pontogammarus robustoides 

Echinogammarus 

warpachowskyi 

Gammaridae undet (juvenile)  

Amphibalanus improvisus 

Copepoda 

Dikerogammarus villosus 

Chironomidae 

Bithynia tentaculata 

Ga Radix balthica 

Valvata piscinalis 
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Doctoral dissertation

Daktaro disertacija

Potamopyrgus antipodarum 

Lithoglyphus naticoides 

Radix ampla 

Lepidoptera undet 

Gordius aquaticus 

Limnephilidae undet 


